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Zusammenfassung 

Viele grundlegende Prozesse in der Funktion von Zellen und Geweben hängen von 

dynamischen Veränderungen der Zellform ab. Beispielsweise müssen einzelne Zellen 

Änderung in ihrer Form während der Gewebemorphogenese oder der gerichteten Migration 

in der Immunantwort koordinieren. Diese Prozesse müssen räumlich und zeitlich eng 

aufeinander abgestimmt sein. Fehler bei der Koordination von Zellformänderungen können 

zu schweren Erkrankungen wie Krebsmetastasen beitragen. Zellen erzeugen dynamische 

Formänderungen durch intrazelluläre Kräfte, welche entweder zu Kontraktionen oder zu 

Ausstülpungen der Zellmembran führen können. Außerdem können Zellen Kontraktionskräfte 

nutzen, um mechanische Eigenschaften ihrer Umgebung zu erfassen. Dieser Prozess wird als 

Mechanotransduktion bezeichnet.  

In früheren Studien wurde bereits ein Signalnetzwerk identifiziert, welches an diesem Prozess 

beteiligt ist und welches hochdynamische, mechanosensitive Kontraktionspulse erzeugt. 

Diese Kontraktionspulse werden durch oszillierende Signalnetzwerkdynamiken des 

Zellkontraktionsregulators Rho angetrieben. Rho ist eine kleine GTPase, welche die Bildung 

kontraktiler Zytoskelettstrukturen stimuliert. Diese Strukturen bestehen aus Aktinfilamenten, 

die durch den molekularen Motor non-muscle Myosin II intermolekular vernetzt sind. Die 

oszillierenden Netzwerkdynamiken entstehen aus einer Kombination von schneller positiver 

und langsamer negativer Rückkopplungsregulation von Rho. Die positive Rückkopplung ist 

bereits gut verstanden, der genaue Mechanismus der negativen Rückkopplung ist jedoch noch 

unklar. Frühere Studien legen nahe, dass diese Rückkopplung über einen relativ langsamen 

Prozess vermittelt wird, an dem kontraktile Aktin- und Myosin-basierte Strukturen oder 

hiermit assoziierte Proteine beteiligt sind. Das primäre Ziel dieser Arbeit war es, diesen 

Mechanismus genauer zu untersuchen. Im ersten Schritt wurden numerische Simulationen 

eines vereinfachten quantitativen Modells des oszillierenden Signalnetzwerks durchgeführt. 

Diese sagten voraus, dass die Dynamik der Zellkontraktionssignale durch die konstitutive 

Aktivierung von Myosin II stark gehemmt wird. Diese Vorhersage wurde experimentell durch 

die konstante Aktivierung von Myosin II durch Überexpression einer konstitutiv aktiven 

Mutante des Myosin-II-Aktivators Rho-assoziierte Coiled-Coil-Kinase 1 (ROCK1) bestätigt. 

Darüber hinaus führte eine lichtinduzierte schnelle Rekrutierung von ROCK1 an die 
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Plasmamembran zu einer starken Anreicherung von Myosin II an der Plasmamembran und 

überraschenderweise auch zu einer Verringerung von Aktin. Diese Veränderung im Verhältnis 

von Myosin II zu Aktin führte zu einer Hemmung der basalen und dynamischen Rho-Aktivität 

an der Plasmamembran. Dies zeigt eindeutig, dass Myosin II oder Myosin II assoziierte 

Proteine - und nicht Aktin - als Rho Inhibitor und Vermittler der negativen 

Rückkopplungsregulation in adhärenten Säugetierzellen wirkt.  

Die Entwicklung der lichtinduzierten schnellen Rekrutierung von ROCK1 an die 

Plasmamembran wurde zunächst durch unerwartete Beobachtungen erschwert, die darauf 

hindeuteten, dass der Mechanismus der ROCK1-Regulierung komplexer war als ursprünglich 

angenommen. Durch eine detaillierte Analyse des molekularen Mechanismus der Aktivierung 

von Myosin durch ROCK, wurde eine neue Rho-Bindungsstelle am C-Terminus von ROCK1 

innerhalb seiner PHC1-Domäne identifiziert. Diese Domäne allein ist ausreichend, um ROCK1 

in Bereiche des Zellkortex mit erhöhter Rho-Aktivität zu rekrutieren. Mutagenese basierend 

auf AlphaFold2-Vorhersagen deuten auf eine direkte Wechselwirkung zwischen der PHC1-

Domäne und Rho hin. Funktionelle Untersuchungen zeigten, dass die PHC1-Domäne für eine 

effiziente Rekrutierung von ROCK zu aktivem Rho unverzichtbar ist und dass sie zur 

Transduktion der Rho-Aktivität auf Myosin durch ROCK1 beiträgt. Die neu identifizierte Rho-

Bindungsstelle am C-Terminus von ROCK1 liefert neue Erkenntnisse über den Mechanismus 

der ROCK1-Aktivierung und kann Widersprüche auflösen, die zwischen früheren 

biochemischen und strukturellen Studien beobachtet wurden.  

Zusammenfassend lässt sich sagen, dass neue Mechanismen identifiziert wurde, welche die 

negative Rückkopplungsregulation im Zellkontraktionsnetzwerk vermitteln und die 

Transduktion von Rho-Signalen zur Myosin-Aktivierung durch ROCK1 detaillierter 

beschreiben. Diese Arbeit liefert somit neue Perspektiven auf den grundlegenden Prozess der 

Zellkontraktion und dessen Regulation und kann dadurch zu einem besseren Verständnis 

biologischer Prozesse beitragen, die von Zellkontraktion abhängig sind, wie beispielsweise die 

Zellmigration oder die Gewebemorphogenese. 
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Abstract  

Many fundamental processes in the function of cells and tissues are dependent on dynamic 

cell shape changes. For example, individual cells must coordinate changes in their shape 

during tissue morphogenesis or during directional migration in the immune response. These 

processes have to be coordinated tightly in space and time, and failures in this coordination 

can contribute to serious diseases, such as cancer metastasis. Dynamic cell shape changes are 

based on forces that are generated by cells that can either lead to contractions or protrusions 

of the plasma membrane. Conversely, cells can use contractile forces to sense mechanical 

properties of their environment in a process that is called mechanotransduction.  

Previous studies identified a signaling network involved in this process that generates highly 

dynamic, mechanosensitive contraction pulses. These contraction pulses are driven by 

oscillatory signal network dynamics of the cell contraction master regulator Rho. Rho is a small 

GTPase signaling molecule that is well known to stimulate the generation of contractile 

cytoskeletal structures that are composed of cytoskeletal actin filaments, which are 

crosslinked by the molecular motor non-muscle Myosin II. The oscillatory signal network 

dynamics emerge from a combination of rapid positive and slow negative feedback regulation 

of Rho.  The rapid positive feedback is already well understood, however, the exact 

mechanism, how negative feedback is mediated is still unclear. Previous studies suggest that 

negative feedback regulation is mediated via a relatively slow process that involves contractile 

actin- and Myosin-based structures, or proteins that are associated with these components. 

The primary objective of this thesis was to investigate this mechanism in more detail. In the 

first step, numerical simulations of a simplified quantitative model of the oscillatory signal 

network predicted that the dynamics of cell contraction signals are strongly inhibited by 

constitutive activation of Myosin II. This prediction was experimentally confirmed by the 

constant activation of Myosin II by over-expression of a constitutively active mutant of the 

Myosin II activator Rho associated coiled-coil kinase 1 (ROCK1). In addition, a light-induced 

rapid plasma membrane recruitment of the Myosin II activator ROCK1 induced a strong 

accumulation of Myosin II at the plasma membrane, and surprisingly also lead to a reduction 

of actin. This change in the relative abundance of Myosin II vs actin resulted in the inhibition 

of basal and dynamic Rho activity at the plasma membrane. This clearly shows that Myosin II 
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or Myosin II associated proteins and not actin act as a Rho inhibitor and negative feedback 

mediator in adherent mammalian cells.  

The development of the light-induced rapid plasma membrane recruitment of ROCK1 was 

initially hampered by unexpected observations that suggested that the mechanism of ROCK1 

regulation was more complex than originally anticipated. A detailed analysis of the molecular 

mechanism by which ROCK1 activates Myosin, revealed a novel Rho binding site at the 

extreme C-terminus of ROCK1 within its PHC1 domain. This domain was sufficient to recruit 

ROCK1 to regions of the cell cortex exhibiting increased Rho activity. Mutagenesis guided by 

AlphaFold2 predictions supports a direct interaction between the PHC1 domain and Rho. 

Functional investigations demonstrated that the PHC1 domain is indispensable for effective 

recruitment to active Rho, and that it contributes to the transduction of Rho activity through 

ROCK1 leading to Myosin II activation. The newly identified Rho binding site at the ROCK1 C-

terminus provides novel insights into the mechanism of ROCK1 activation, and it can resolve 

inconsistencies that were observed between prior biochemical and structural studies.  

In conclusion, a Myosin II dependent process was identified that mediate negative feedback 

regulation in the cell contraction network, and novel insights into the regulation of ROCK1 and 

its mechanism of transducing Rho signals to Myosin II were uncovered. This thesis therefore 

provides new perspectives on the fundamental process of cell contraction and its regulation 

and thereby can help to gain a better understanding of the biological processes that are 

dependent on cell contraction, such as cell migration or tissue morphogenesis. 
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1 Introduction  

1.1 Cellular information processing by signaling networks  

All cells, both in higher organisms and unicellular organisms, must interpret information 

presented by their environment in conjunction with intracellular processes. The extracellular 

inputs may be chemical or physical in nature and can originate from the extracellular matrix 

or from other cells. These inputs are typically sensed by transmembrane receptors that 

connect the extracellular and intracellular space and then processed by intracellular signaling 

systems (Grecco et al., 2011). 

Classically, cellular signal transduction is often visualized as a linear process, in which external 

signals are communicated along a linear pathway (Seger and Krebs, 1995). However, it is now 

well-established that such linear pathways are insufficient to explain most aspects of cellular 

information processing (Saez-Rodriguez et al., 2015). Instead, signals received by cells are 

integrated and processed by highly interconnected signaling networks, that include non-linear 

causalities, such as positive and negative feedback loops (Bray, 1995; Ferrell, 2002; Chen et 

al., 2010)  

Such non-linear signaling networks can process input signals to generate diverse output 

signals. The dynamics of such outputs can even be spontaneously and autonomously 

generated, for example as regular oscillations in the absence of external inputs (Tyson et al., 

2003). To achieve this, a relatively small number of interlinked components is sufficient, as it 

was shown in reconstituted, synthetic dynamic signal systems (Elowitz and Leibler, 2000). Due 

to their non-linear causalities, it is often difficult to intuitively predict or understand the 

function of such interlinked signaling networks. For example, the same network of signal 

proteins can generate qualitatively distinct output dynamics, if only the rate constant of one 

reaction is altered (Tyson et al., 2003; Mangan and Alon, 2003; Novák and Tyson, 2008). To 

investigate such networks, it is very useful to describe them by mathematical models, for 

example using ordinary differential equations (ODEs), that are based on the underlying 

biochemical reactions. Mathematical analysis and numerical simulations based on these 

equations can be used  to predict the dynamics of signal outputs of such networks, and how 
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they are influenced by changes in their parameters or changes in signal inputs (Bray, 1995; 

Novák and Tyson, 2008). 

To develop a model based on ODEs, it is essential to understand how signals are transduced 

between the different components of the signal network (Bray, 1995; Tyson et al., 2003; Novák 

and Tyson, 2008; Chen et al., 2010). This can be achieved by examining how a perturbation in 

one component of a signal network is propagated to other signal network components. To 

directly extract meaningful information from interconnected, non-linear signal networks, it is 

essential, that the perturbation and response readouts occur at a similar or faster timescale 

compared to the signal processing events of the network (Kamps and Dehmelt, 2017). 

Otherwise, rapid adaptation dynamics in the signal network can be overlooked, which might 

provide the most critical information about signal processing. Experimental investigations of 

such perturbation-response relationships can be used to construct hypothetical network 

topologies and ODE-based mathematical models, which can then be validated by comparing 

their predictions with further experiments (Bray, 1995; Novák and Tyson, 2008). 

1.1.1 Activity dynamics in networks with feedback loops  

An interesting feature of many signaling networks is feedback. In signal networks, feedback is 

based on a closed loop, in which the output feeds back to influence its own cause. Feedback 

loops are primarily distinguished based on the sign of the loop, i.e. positive or negative 

(UMBARGER, 1961; Tyson et al., 2003; Novák and Tyson, 2008). Conceptually, negative 

feedback can arise either through self-inhibition of a single component, or via the activation 

of an intermediate, inhibitory component (Figure 1A). This feedback typically leads to 

homeostasis, i.e. self-limiting regulation, which is often found in biosynthesis. In the example 

shown in Figure 1A (left), the activity of a signal network component A can activate another 

signal network component I, which in turn inhibits A. Figure 1A (right) also shows a simulation 

of such a system, in which negative feedback regulation drives the activity of A and I to a stable 

steady-state, even if the system is transiently perturbed (green arrow). If the negative 

feedback and the associated adaptation kinetics have a substantial time delay, such systems 

can also autonomously generate oscillating outputs (Novák and Tyson, 2008).  
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Figure 1: Signal dynamics in networks that include feedback regulation. (A-D) Schematic depiction of distinct signal network 

topologies (left) and corresponding simulations of signal network dynamics and their response to external perturbations 

(right). (A) A simple negative feedback network topology that generates homeostasis. The activity states of the activator A 

and inhibitor I quickly develop into a stable steady-state. An externally introduced perturbation in either component (here in 

component A, marked by a green upward arrow) quickly goes back to steady-state levels. (B) Mutual activation between two-

components. Even a small perturbation (green upwards arrows) can trigger an irreversible switch in the activity states of this 

system. After switching, even very strong perturbations in the opposite direction cannot switch this system off again (green 

downwards arrows). (C) Mutual inhibition between two-components or double negative feedback network motif. The 

signaling molecules in this system can reversibly switch between two distinct steady states. (D) Activator/Inhibitor network 

topology. Even in the absence of external signals, the activity of the components of such systems can oscillate autonomously. 

Numerical simulations shown in A-C were based on systems of ordinary differential equations (ODEs), which were computed 

using Python scripts, that were generated by chatGPT5. The simulation shown in D was based on a system of ODEs that will 

be described in more detail in section 1.3.5, and was computed using Matlab. 
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Positive feedback can arise in several distinct ways: in the case of a single component via self-

activation, or in the case of two components, via mutual activation (Figure 1B) or mutual 

inhibition (Figure 1C) (Tyson et al., 2003; Novák and Tyson, 2008). A typical property of such 

positive feedback systems is that they can generate discontinuous, switch-like activation 

responses (Figure 1B-C, right). For example, in mutual activation, the signal network 

component activator A1 can activate another signal network component A2, and reciprocally, 

A2 activates A1, closing a positive feedback loop (Figure 1B). The simulation of such a system 

shows that the components can amplify even a very small, transient perturbation. Once a 

certain activity threshold for such a perturbation is reached (slightly larger upwards green 

arrow), there is an abrupt increase in A1 and A2 activity. After their activation, A and B remain 

at their maximum level, and a perturbation of similar or higher strength is not sufficient to 

reverse this process to switch back to the initial conditions (see perturbations in simulation in 

Figure 1B right). Such irreversible switches in network activity are essential for many 

physiological processes that require a permanent change, such as during cell differentiation 

in development (Ferrell and Machleder, 1998; Cappell et al., 2016) or in controlled cell-death 

(Gülcüler Balta et al., 2019). 

While mutual inhibition also generates positive feedback, the dynamics of these systems are 

quite different from those of systems with mutual activation. In the example shown in Figure 

1C, a signal network component I1 inhibits another signal network component I2, and I2 

reciprocally inhibits I1. The loop therefore corresponds to the inhibition of an inhibitor, which 

in combination has a positive effect, resulting in a positive feedback loop. However, the 

resulting system is bistable and generates the dynamics of a so-called toggle switch (Figure 

1C, right). The system can exist either in a state where I1 is high, and I2 is low or vice versa. In 

contrast to the mutual activation, the system can be switched between these two states with 

a sufficiently large perturbation (Novák and Tyson, 2008). Such bistable systems that act like 

toggle switches play important roles in many contexts, for example in the regulation of the 

cell cycle (Ferrell and Ha, 2014), in stem cell differentiation (Stanoev et al., 2021) and in growth 

factor sensing (Stanoev et al., 2018).  

In cells, signaling networks often include a larger number of interconnected components, 

which then can generate more complex dynamics. One motif that plays important roles in 

several cellular processes is the so-called activator/inhibitor network (Figure 1D), which is 
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based on interlinked positive and negative feedback loops. In the example shown in Figure 1D, 

a signal network component A rapidly amplifies its own activity and slowly activates its 

inhibitor I. Similar to a simple time delayed negative feedback, such systems can generate 

oscillations, however, these oscillations are typically more robust due to the efficient and rapid 

amplification in the coupled positive feedback loop. Such oscillatory activator/inhibitor 

networks are of great physiological importance, for example in circadian clocks (Dunlap, 1999; 

Hogenesch and Herzog, 2011) or the regulation of the eukaryotic cell cycle by oscillations of 

Cyclin-dependent kinases (Csikász-Nagy et al., 2006). Depending on the parameters of the 

underlying biochemical reactions, activator/inhibitor networks can also be excitable. Such 

systems are typically stable in their unperturbed, low activity state but are activated very 

strongly in a pulse-like fashion even via a small perturbation. Shortly after their activation they 

are typically insensitive to another stimulation for a short period of time (“refractory period”), 

until they go back to their initial, excitable state. Typical examples for excitability in biological 

systems are the propagation of action potentials in neurons, or in the heart muscle (HODGKIN 

and Huxley, 1952; NOBLE, 1962). 

1.2 Generation and Regulation of Forces that Drive Cell 

Morphodynamics  

Feedback-based signaling networks as those described above control many aspects of cellular 

function. A particular focus of this thesis was their role in controlling cell shape changes.  

Morphological changes at the level of individual cells are essential for many physiological 

processes. For example, they are necessary for wound healing (Alanko et al., 2023), embryonic 

development (Horwitz and Webb, 2003; Scarpa and Mayor, 2016), but also play a major role 

in pathophysiological processes such as cancer metastasis (Holle et al., 2019; Hanahan, 2022).  

Conceptually, cell shape changes can be broadly divided into two categories: cell protrusions, 

which push the cell edge forward, and retractions or contractions, which can pull back the cell 

or squeeze its environment (Nalbant and Dehmelt, 2018). Together, these processes of cell 

contraction and cell protrusion drive morphological changes in cell shape, which in turn can 

drive tissue rearrangements and cell migration (Cooper, 2000). Both cell protrusion and cell 

retraction are powered by dynamic rearrangements of specialized, filamentous structures that 
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are collectively called the cytoskeleton. In addition, the cytoskeleton can also confer structural 

stability to maintain and stabilize the shape of cells (Cooper, 2000; Wollrab et al., 2018). 

1.2.1 Generation of pushing forces by polymerization of actin filaments 

Cell protrusion is primarily driven by the directional polymerization of one specialized 

cytoskeletal component, which is called actin. Actin is an enzyme that can hydrolyze a bound 

adenosine triphosphate (ATP) molecule to adenosine diphosphate (ADP) and it can exist either 

in a monomeric, globular form (G-actin), or in a polymerized, filamentous form (F-actin) 

(Wegner, 1976). 

Actin filaments are asymmetrical, with a helical twist and they have two structurally distinct 

filament ends that differ in their affinity for the addition of monomers. The polymerization of 

actin occurs predominantly at the so-called plus-end of an actin filament, where the binding 

of ATP-bound actin monomers is strongly preferred compared to ADP-bound monomers 

(Wegner, 1976). This polymerization-based extension is supported  by profilin, which binds 

actin monomers and catalyzes the exchange of ADP to ATP (Carlsson et al., 1977). While the 

plus-end of an actin filament represents its growing end, the minus-end corresponds to the 

shrinking end of said filament. After their incorporation into filaments, ATP hydrolysis to ADP 

is stimulated, which results in filament destabilization (Wegner, 1976).  Near the minus-end, 

actin binding proteins of the Cofilin and actin depolymerizing factor (ADF) families promote 

the disassembly and subsequent depolymerization of actin filaments (Carlier et al., 1997). The 

resulting combination of rapid polymerization and rapid depolymerization ensures that 

structures that are based on actin filaments can be highly dynamic and can be quickly 

rearranged within cells. 

Such a dynamic rearrangement of actin structures is particularly important during rapid cell 

shape changes, for example during cell migration. In particular, at their leading edge, migrating 

cells form a specialized, flat, protrusive structure, the so-called lamellipodium, which is based 

on a branched network of actin filaments. This branched network is generated by the 

nucleation of new actin filaments on already existing filaments by the actin-related protein 

2/3 (Arp2/3) complex. These new filaments collectively polymerize towards the cell edge and 

generate a polymerization force that pushes the cell membrane forward (Pollard and Borisy, 

2003; Bieling and Rottner, 2023). 
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1.2.2 Generation of contractile forces by actomyosin  

As described above, cell protrusion is driven by a force that is generated by the collective and 

directional polymerization of actin filaments. The retraction or contraction of the cell body is 

also driven by a mechanism that is dependent on actin filaments. However, this process is not 

driven by changing the length of individual filaments but rather driven by the action of a 

molecular motor, which is called Myosin II, and which can slide aligned arrays of multiple actin 

filaments towards opposite directions, effectively shorting these filament arrays (Spudich, 

2001; Aguilar-Cuenca et al., 2014). 

Myosin II is best known for its function in muscle cells, where it is organized together with 

actin filament arrays into specialized structures called sarcomeres (Adelstein et al., 1971). 

Within these structures, Myosin II is the molecular motor that generates the force that drives 

muscle contraction by shortening the actin filament arrays. Non-muscle cells can generate 

such contractile forces as well, however, the specialized non-muscle Myosin II isoforms 

(hereafter simply referred to as Myosin II or Myosin) form smaller structures that can re-

localize more dynamically within cells (Adelstein et al., 1971; Aguilar-Cuenca et al., 2014).  

Cells can form several distinct but related structures that are based on Myosin II and actin 

filaments, which are collectively referred to as actomyosin. These structures include a largely 

homogenous contractile layer below the plasma membrane, called the actin cortex (Truong 

Quang et al., 2021), more concentrated bundles of actomyosin called stress fibers (Hotulainen 

and Lappalainen, 2006) (Figure 2), the contractile lamella region that is found in more central 

cell areas next to lamellipodia (Ponti et al., 2004), and more specialized structures, such as the 

contractile ring that drives cell separation during cytokinesis (Matsumura, 2005).   

On the molecular level, Myosin II is an ATP driven motor protein (Spudich, 2001). Each non-

muscle Myosin II molecule is comprised of six subunits, including two heavy chains (non-

muscle Myosin II heavy chain, NMHCII) that interact via their large, extended coiled-coil 

central domains, as well as two regulatory light chains (RLCs) and two essential light chains 

(ELCs).  

The oligomerization of non-muscle Myosin II leads to the formation of antiparallel filaments 

(so-called mini-filaments, Figure 2B) that contain 28-30 hexamers (Niederman and Pollard, 

1975; Billington et al., 2013). The formation of mini-filaments is only possible if Myosin II is in 
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the activated, extended (6S) conformation. In the inactive, folded (10S) conformation, the 

Myosin head and tail interact intramolecularly to prevent both filament assembly and F-actin 

association (Trybus et al., 1982; Ikebe, 2008). The conformational change from the 10S to the 

6S form of Myosin depends on the phosphorylation of S19 on RLCs, which disrupts the head-

tail interaction (Smith et al., 1983). Several kinases can phosphorylate S19 on RLC, in particular 

the Rho-associated protein kinase (ROCK), the Myosin light chain kinase (MLCK), and the 

myotonic dystrophy kinase-related Cdc42-binding kinase (MRCK) (Garrido-Casado et al., 

2021). T18 phosphorylation has been shown to further increases Myosin II filament stability 

and ATPase activity (Ikebe, 2008; Vicente-Manzanares and Horwitz, 2010). The inactivation, 

or the conformational change from 6S to 10S, is facilitated by the dephosphorylation of the 

these residues by the protein phosphatase MYPT1 (Kimura et al., 1996). 

Active Myosin head domains within mini-filaments bind to actin filaments and can generate a 

force by their motor activity. The force is generated by sequential steps in the activity state of 

the Myosin head domain: 1) ATP-bound Myosin has a very low affinity to actin and is therefore 

not associated with actin filaments. 2) The process of hydrolysis of the ATP to ADP+Pi allows 

for the binding of the Myosin head to actin (Rayment et al., 1993). 3) The release of the 

phosphate (Pi) from the ATPase domain triggers a conformational change, exerting a force on 

the associated actin filament. 4) The cycle is closed as ADP is exchanged for ATP (Huxley, 1974). 

Non-muscle Myosin is a so-called “non-processive” molecular motor, meaning that a single 

motor domain cannot produce a force on a single actin filament, as the motor domain would 

dissociate in step 1 of the sequence above. Effective force generation is only possible when 

multiple Myosin motors within a mini-filament act together on the associated actin filament 

(Sweeney and Houdusse, 2010). In typical actomyosin structures within cells, multiple actin 

filaments act together with multiple Myosin mini-filaments, to slide actin filaments with 

opposite orientation (i.e. “anti-parallel” orientation, see Figure 2B) against each other to 

produce a contractile force (Hotulainen and Lappalainen, 2006). In the example of stress fibers 

shown in Figure 2B, this process is similar to muscle contraction, and the overall structural 

organization of stress fibers is supported by additional molecules, in particular by the actin 

crosslinker alpha-actinin (Lazarides and Burridge, 1975; Hu et al., 2017). The resulting 

contractile force is oriented in the direction of these stress fibers, which are typically anchored 

to the extracellular space via specialized structures, called focal adhesions. Contraction of less 
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structured actomyosin, such as for example in the actin cortex, is also powered by Myosin II 

motors, but in contrast to stress fibers, the generated force is oriented more isotropic 

(Svitkina, 2020). This isotropic organization of contractile force is thought to be stabilized by 

various actin crosslinkers and by linking actin to the plasma membrane, for example via Ezrin-

Radixin-Moesin (ERM) proteins (Chugh and Paluch, 2018).            

 

Figure 2: Actin-base structures within cells. (A) Wildfield image of a fixed U2OS cell stained with phalloidin-Alexa488 (Milroy 

et al., 2012). (B) Schematic depiction of the most prominent actin-based structures in a typical migrating cell: contractile stress 

fibers, which are usually bound to focal adhesions, and the branched actin network within the lamellipodium which can 

generate a polymerization-based protrusive force. The magnified, detailed view of stress fibers illustrates their structural 

organization, with Actin filaments, non-muscle Myosin II mini-filaments (only two hexamers are shown for illustrative 

purposes), and α-Actinin crosslinkers. 
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Part I: Transduction and regulation of negative feedback 

in the cell contraction signaling network 

1.3 Regulation of cell contraction by the small GTPase Rho 

As previously mentioned, the cytoskeleton is highly dynamic in cells and these dynamics are 

the basis for cell shape changes, in particular cell protrusion and cell retraction. To perform 

higher order functions, such as directional cell migration, cells must regulate, organize and 

coordinate these shape changes in space and time. Cells achieve this via signal networks that 

locally control cytoskeletal dynamics in cells. The primary regulators of these dynamics are 

small GTPases, specifically the Rho family of small GTPases (Hodge and Ridley, 2016). The 

molecular weight of Rho small GTPases is approximately 21 kDa and they belong to the Ras 

superfamily of small GTPases. This superfamily consists of more than 150 different GTP-

binding proteins in humans (Wennerberg et al., 2005), which act as key signal molecules in 

various important cellular processes. The G-domain of these proteins, which is also known as 

the GTP-binding domain, is located at the N-terminus, followed by the so-called switch I and 

switch II regions. Finally, each small GTPase has a hypervariable region at its C-terminus that 

is typically posttranslationally modified with a lipid anchor. In the Rho subfamily, the most 

common motif for lipidation is the C-terminal CAAX motif (C: Cysteine, A: aliphatic amino 

acids, X: random amino acid) (Schaefer et al., 2014). The subcellular localization of Rho 

GTPases is dependent on such lipid modifications, which are catalyzed by farnesyl and geranyl-

geranyl transferases (Ridley, 2015). In combination with the predominantly positively charged 

hypervariable region, these lipidations are critical for anchoring Rho GTPases to cellular 

membranes, in particular the plasma membrane, where they can interact with their effectors 

(Michaelson et al., 2001). 

Most members of the Rho family switch between an “on”, GTP-bound, and “off”, GDP-bound, 

state (Figure 3A). Two structural regions, the so-called switch I and switch II regions of the 

GTPase undergo a dramatic conformational change dependent on these states, which 

regulates their interaction with upstream and downstream signaling molecules. In the “on” 

state, Rho GTPases interact with so-called effectors, which by themselves can activate multiple 

downstream pathways.  
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Three classes of proteins are central for the control of the activity state of Rho GTPases (Figure 

3A): Guanine-nucleotide exchange factors (GEFs) facilitate the exchange of GDP for GTP, 

thereby switching the small GTPase into the “on” state. In contrast, GTPase-activating proteins 

(GAPs) enhance the intrinsic GTPase activity of small GTPases, resulting in the hydrolysis of 

GTP to GDP, switching the small GTPase into the “off” state. Guanine-nucleotide dissociation 

inhibitors (GDIs) are a class of proteins that have an extensive hydrophobic pocket that can 

bind to the membrane anchor of small GTPases and thereby sequester these protein away 

from the plasma membrane into the cytosol (Buchsbaum, 2007; Ridley, 2011; Cherfils and 

Zeghouf, 2013). 

The Rho GTPases RhoA, Rac1, and Cdc42 are the best characterized ones and play a crucial 

role in the regulation of the actin cytoskeleton (Hall, 1998). In the classical view, RhoA is 

associated with cell contraction signaling, namely stress fiber formation and focal adhesion 

assembly. It is well established that Rac1 is associated with the formation of lamellipodia, 

while Cdc42 regulates the formation of filopodia (Ridley, 2015). 

However, it should be noted that not all small GTPases of the Rho family are subject to the 

same regulatory mechanisms. One exception is for example Rnd3 (also known as RhoE), an 

“atypical” Rho GTPase that is constitutively active (Ridley, 2011). Such a constitutively active 

form can also be enforced in the typical, canonical small GTPases by mutating a specific 

residue within the GTP binding pocket that results in loss of GTPase activity, e.g. Q63L for RhoA 

(Mayer et al., 1999). This method is frequently employed to investigate various aspects of 

small GTPases within cells.  
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Figure 3: Regulation of the small GTPase Rho and measurements of its activity. (A) In their active, GTP-bound form, canonical 

Rho GTPases such as RhoA are anchored at the plasma membrane via their C-terminal tails, which contain multiple positively 

charged residues that interact with the negatively changed plasma membrane headgroups, and a covalent, post-translational 

lipid anchor modification. At the plasma membrane, Rho GTPases can bind and activate effector proteins, which in turn 

activate several downstream signaling pathways. GTPase-activating proteins interact with the active, GTP bound form of Rho 

family proteins and increase their intrinsic GTPase activity. The resulting hydrolysis of GTP to GDP switches Rho proteins into 

their inactive, GDP bound form. Guanin-nucleotide dissociation inhibitors (GDIs) can bind to this inactive form and solubilize 

small Rho GTPases in the cytosol by binding to their lipid anchor with a hydrophobic pocket. Guanine-nucleotide exchange 

factors (GEFs) interact with the inactive, GDP bound form of Rho family proteins and activate them by catalyzing the exchange 

of GDP to GTP. This closes the regulatory cycle in the regulation of Rho family small GTPases. (B) Proposed cell contraction 

signal network topology based on Graessl et al. (2017) and Kamps et al. (2020). (C) Principle of Rho activity measurement via 

a translocation-based activity sensor. The sensor consists of a GTPase binding domain (GBD) that is linked to a fluorescence 

protein. The GBD only binds to the active, GTP bound form of the Rho GTPases, which is typically localized to the plasma 

membrane. The translocation of the sensor from the cytosol to the plasma membrane can be measured sensitively using total 

internal reflection fluorescence microscopy (TIRF-M). (D) GEF-H1 C53R plasma membrane translocation and Rho activity 

signals (mCitrine-Rhotekin GBD) are closely correlated in space and time at the plasma membrane. Left: Individual images 

obtained via TIRF microscopy of cells expressing the Rhotekin-based Rho activity sensor (mCitrine) and mApple-GEF-H1 C53R. 

Middle: Kymographs that represent the change in signal over time along the orange line in the TIRF images. Right: Intensity 

measurements from boxes in the TIRF images.  
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1.3.1 Stimulation of Rho-dependent cell contraction by the guanine-

nucleotide exchange factor GEF-H1  

Given the slow release of guanine nucleotides from the switch regions of small GTPases, GEFs 

are essential to accelerate the process of nucleotide exchange. Mechanistically, this is 

achieved by stimulating the release of GDP, which is subsequently exchanged to GTP that is 

present at much higher concentrations in cells (Vetter and Wittinghofer, 2001). Many Rho-

specific GEFs are members of the large Dbl family, which is characterized by the presence a 

Pleckstrin homology domain (PH) and the Dbl homology (DH) domain (Zheng, 2001). One 

specific Dbl-type RhoGEF, called GEF-H1, plays a particularly important role in the processes 

that are investigated in this thesis. GEF-H1 is well-known for its ability to activate RhoA, and 

its GEF activity is inhibited by association with microtubules (Krendel et al., 2002). The release 

of GEF-H1 from microtubules can easily be initiated by treatment of cells with the microtubule 

depolymerizing compound nocodazole (Chang et al., 2008), or by the ectopic expression of  a 

microtubule-binding deficient C53R mutant (Krendel et al., 2002). Interestingly, the associated 

increased effective concentration of GEF-H1 in the cytosol does not simply increase baseline 

Rho activity but instead leads to a dramatic increase in Rho activity dynamics (Graessl et al., 

2017). Other RhoGEFs in the related Lbc subfamily, such as LARG or PDZRhoGEF have a similar 

effect (Graessl et al., 2017; Kamps et al., 2020). As discussed in more detail in the following 

sections, GEF-H1 and its ability to stimulate Rho activity dynamics plays a central role in a 

mechanosensitive signal network that controls cell contraction.  

1.3.2 The topology of the cell contraction signal network  

It is well established that cells process not only chemical but also mechanical signals to 

modulate their function. The transduction of mechanical signals, such as stiffness of the 

extracellular matrix (ECM), is particularly important during the differentiation of stem cells 

(Wozniak and Chen, 2009). To sense substrate stiffness, cells must convert such mechanical 

signals into biochemical signals. This process is known as mechanotransduction (Aguilar-

Cuenca et al., 2014). Cells achieve this task via a complex, multilevel signaling system. 

Important components of this system are adapter proteins, transmembrane receptors and 

contractile actomyosin structures (see section 1.2.2).  
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In the context of mechanotransduction, actomyosin-driven, highly dynamic cell contraction 

pulses were observed in several model organisms (Martin et al., 2009; Bement et al., 2015; 

Graessl et al., 2017; Saha et al., 2018; Michaux et al., 2018; Nalbant and Dehmelt, 2018; Kim 

et al., 2018). The frequency of these pulses was found to be modulated by substrate elasticity 

(Graessl et al., 2017), and they were proposed to be able to transduce mechanical signals 

more efficiently than constant tension (Cui et al., 2015; Graessl et al., 2017; Nalbant and 

Dehmelt, 2018). One downstream target of these pulses is cell differentiation, which was not 

only found to be correlated with Rho GTPase signal network oscillation frequency, but also 

was artificially steered by external, optogenetic oscillatory stimulation of this signal network  

(Sampayo et al., 2023). 

Previous work already revealed several aspects of the signal network that generates dynamic, 

actomyosin-driven cell contraction pulses (Graessl et al., 2017). As delineated in section 1.1.1, 

pulsatile dynamics can be generated by an activator/inhibitor network (Figure 1D). Indeed, 

detailed experimental investigations strongly support the idea that the observed pulses were 

the result of such a network topology (Figure 3B). The Rho GEF GEF-H1 (section 1.3.1) 

activates Rho by catalyzing the exchange from GDP to GTP via the catalytical activity of its DH 

domain. At the same time, active Rho can recruit more GEF-H1 molecules to the plasma 

membrane, because the PH domain of GEF-H1 selectively binds to the active form of small 

GTPase RhoA. This mutual stimulation results in a positive feedback loop between Rho and 

GEF-H1 via the concurrent recruitment of both proteins to the plasma membrane resulting in 

the amplification of both activities. Downstream of RhoA, actin and Myosin II are recruited 

with a delay (Figure 3B) of 11s and 40s, respectively (Graessl et al., 2017). This delayed 

recruitment of actin and Myosin inhibits the amplification of Rho activity by GEF-H1 (Lee et 

al., 2010; Graessl et al., 2017), thereby closing a slow negative feedback loop, which can 

generate oscillatory and excitable system dynamics in combination with the fast positive 

feedback loop (Novák and Tyson, 2008).  

1.3.3 Measuring spatio-temporal patterns of Rho activity  

As these feedback mechanisms and the resulting Rho activity oscillations occurred in small 

subcellular regions of the plasma membrane, the implementation of tools to measure the Rho 

activity state locally with high spatial and temporal resolution was critical. Several strategies 

were developed to generate sensor constructs that can accomplish this task. One of these 
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strategies is based on fluorescence resonance energy transfer (FRET) (Pertz et al., 2006). One 

of the first widely used Rho sensor of this kind utilizes a Rho binding domain (GTPase binding 

domain, GBD) of the Rho effector rhotekin, which specifically binds to the active form of Rho 

(Ren et al., 1999). The GBD was flanked by a cyan fluorescent protein (CFP), full-length RhoA 

and YFP (yellow fluorescent protein) via an unstructured linker. Upon activation of RhoA, the 

relative orientation of the two fluorophores was altered, resulting in a change in FRET from 

CFP to YFP. This change of FRET was clearly measurable in vitro and indicated changes in the 

activity state of RhoA in specific locations of individual cells.  

A key concern with this FRET biosensor design is that it does not measure endogenous Rho 

activity, but rather the activity of the transfected Rho-FRET biosensor. As the fusion of several 

additional protein modules (GBD, 2 fluorescent proteins) significantly altered the properties 

of RhoA, it was unclear if the sensor signals reliably report biologically relevant information. 

One interpretation was that these sensors report the ratio of stimulatory GEF and inhibitory 

GAP activities and therefore would also provide valuable information, where endogenous Rho 

might get activated. However, a recent review suggested that the subcellular localization of 

such sensor constructs does not reflect the subcellular localization of the Rho GTPase itself, 

and that activities are reported in cell regions that are devoid of endogenous RhoA (Seze et 

al., 2023). Consequently, a simpler biosensor design that is easier to interpret has recently 

gained increased recognition. Basically, these sensors simply consist of the GBD of rhotekin, 

linked to a fluorescent protein. This sensor is then simply translocated to cell regions with 

increased activity of endogenous Rho (Figure 3C) (Benink and Bement, 2005). The sensitivity 

of these biosensors can be enhanced by tandem repeats of the rhotekin GBD, thus increasing 

their translocation to sites of active Rho. Given the potential of the artificially expressed GBDs 

to compete with endogenous Rho effectors, the sensors have to be expressed at very low 

levels, for example using the weak delCMV promoter (Watanabe and Mitchison, 2002), and 

because of these low levels, the translocation of the sensor has to be measured with a very 

sensitive method. Total internal reflection fluorescence microscopy (TIRF-M) is particularly 

well suited for this task, as this method enables the sensitive detection of fluorescently labeled 

proteins near the plasma membrane, the subcellular localization in which active Rho plays its 

major role in regulating cell contraction (Figure 3C). Therefore, optimized constructs and 

analysis procedures to analyze Rho activity dynamics in adherent mammalian cells typically 
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contain one of multiple GBDs, expressed at low levels that are recorded via TIRF microscopy 

(Graessl et al., 2017; Kamps et al., 2020; Nanda et al., 2023; Seze et al., 2025).  

Figure 3D shows an example, in which subcellular Rho activity pulses were measured using 

this TIRF microscopy-based approach. In this example, Rho activity dynamics were stimulated 

by strengthening the positive feedback loop between active Rho and GEF-H1, simply by 

ectopic expression of the constitutively active GEF-H1 C53R mutant (see section 1.3.1). As 

expected from their mutual activation, and as evident from the signal measurements (Figure 

3D), the Rho activity sensor and GEF-H1 signals have nearly identical dynamics (see also 

Graessl et al. (2017)). Therefore, fluorescently labeled GEF-H1 C53R can be utilized both as a 

stimulator of Rho activity pulses and as sensor to measure spatio-temporal Rho activity 

dynamics, which is a very valuable feature of this construct that will be extensively used 

throughout this work.  

1.3.4 Rapid spatio-temporal perturbation of Rho activity in cells 

Figure 3D provides an example how simple measurements of the close spatio-temporal 

correlation of GEF-H1 plasma membrane translocation dynamics and Rho activity dynamics 

can provide critical information about how components might be connected to each other in 

a signal network. However, correlation by itself does not prove the existence of causal links 

between these molecules (Pearl, 2013). To obtain information about causalities it is instead 

necessary to introduce perturbations and to measure the associated signal network response. 

A simple way to actively perturb signal networks is by stimulating or inhibiting network 

components, for example by constitutive over-expression of proteins or protein mutants, or 

by gene knockout or mRNA knockdown. However, all these methods introduce perturbations 

in the entire cell, and they act over long time periods of hours or days and allow cells to adapt. 

Small pharmacological compounds can act relatively fast, but they still lack spatial selectivity 

and typically affect the whole cell. To overcome these limitations, the so-called molecular 

activity painting (MAP) method was developed (Chen et al., 2017; Kamps et al., 2020). This 

method enables the rapid induction of highly local perturbations at the plasma membrane of 

living cells. This perturbation can be combined with monitoring of the signal network response 

to investigate potential causal links between its components.  
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To perform MAP, cells must express several protein fusion constructs: 1) An artificial receptor 

that is modified by a photocaged chemical dimerizer, and 2) A protein of interest (POI) that is 

fused to a dimerization domain that can bind the dimerizer on the receptor after uncaging. 

The artificial receptor, which is referred to as a “dimerizer-PARC” (dimerizer Presenting 

Artificial Receptor Construct) includes extracellular viral epitopes that bind to surface-

immobilized antibodies (Figure 4). This prevents lateral diffusion of dimerizer-PARCs in the 

plasma membrane. Intracellularly, the receptor contains a HaloTag domain which binds 

covalently to the cell-permeable 6-nitroveratroyloxycarbonyl (Nvoc)-caged photo-dimerizer 

(Nvoc-TMP-Cl). Uncaging the photochemical dimerizer with a single pulse of 405 nm light 

releases the Nvoc group from Nvoc-TMP-Cl. The remaining trimethoprim (TMP) group can 

then bind to the E. coli dihydrofolate reductase (eDHFR) domain fused to a POI (Figure 4). 

Consequently, local photo-uncaging leads to a local increase of the bound POI, resulting in the 

localized and sustained "painting" of the POI and its associated signal activities at the plasma 

membrane of living cells (Figure 4). Although the uncaging uses relatively short wavelength 

405 nm light, phototoxicity is usually not problematic, as only a single, short laser pulse is 

sufficient for the perturbation. The irreversible character of the perturbation also makes this 

method easier to implement compared to reversible light-controlled perturbations that 

require sustained patterns illumination. Furthermore, as the uncaging wavelength does not 

overlap significantly with excitation wavelengths of further red-shifted fluorescent proteins, 

such as CFP, GFP, YFP, and mCherry derivatives, MAP-based perturbations can easily be 

combined with multiple fluorescent readouts (Chen et al., 2017; Kamps et al., 2020; Kowalczyk 

et al., 2022). 
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Figure 4: Schematic of Molecular Activity Painting (MAP) to introduce rapid perturbations at the plasma membrane of living 

cells. A protein-of-interest (POI) is fused to E. coli dihydrofolate reductase (eDHFR) and recruited to dimerizer Presenting 

Artificial Receptor Constructs (dimerizer-PARCs) after photouncaging of a 6-nitroveratroyloxycarbonyl (Nvoc)-caged photo-

dimerizer (Nvoc-TMP-Cl). dimerizer-PARCs bind covalently to the photo-dimerizer via a Halo-Tag and their diffusion is 

prevented by binding to antibodies that are immobilized at the glass surface. Recruitment of the POI increases its local 

concentration and can thereby activate potential effector proteins. 

1.3.5 Quantitative modeling of cell contraction signal network dynamics 

As discussed in the introduction, the dynamics of signaling networks can be described 

quantitatively by systems of ordinary differential equations (ODEs). In previous work, a system 

of ODEs was developed to quantitatively investigate the pulsatile dynamics of the cell 

contraction signaling network (Kamps et al., 2020). In brief, the system is based on three 

components, GEF-H1, Rho, and Myosin, which are represented by the variables G, R, and M, 

respectively. The reactions that change the activity of these components as a function of time 

are shown schematically in Figure 5A, and the corresponding system of differential equations 

is given in the methods (section 7.8) and in Figure 5B.  

The values for the system parameters (total concentrations GT, RT, MT of GEF-H1, Rho, and 

Myosin, respectively, as well as rate constants k1-k6 and Michaelis constants Km1, Km2, Km5, and 

Km6) were either estimated based on the literature or estimated via a Bayesian fitting approach 

using experimental data (Kamps et al., 2020). Simulations based on this system of ODEs 

generated dynamics in the Rho and Myosin components that very closely resembled the 
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corresponding experimental observations (Figure 5C). Therefore, this system can be used as a 

basis to predict, how the signal network is expected to change if a specific feature of this signal 

network is manipulated.   

 

Figure 5: Theoretical basis of the cell contraction signal network dynamics. (A) A Biochemical reaction scheme of positive as 

well as negative feedback regulation of Rho activity in the cell contraction signaling network. Solid arrows represent 

translocations between the cytosol and plasma membrane, which are associated with changes in the activity state of the GEF-

H1, Rho and Myosin IIa components. Dotted arrows represent causal links between these components. The green dotted 

arrows close a positive feedback loop and the magenta dotted lines close a negative feedback loop.  MA: mass action, E: 

enzymatic reaction. (B) System of ordinary differential equations which correspond to the reaction scheme in A, and which 

are the basis for numerical simulations used in Kamps et al. (2020). (C) A U2OS cell transfected with Rho activity sensor (green) 

and non-muscle Myosin IIa heavy chain (magenta) that exhibits pulsatile cell contraction dynamics (left). The kymograph 

(middle) corresponds to the yellow line in the cell images. Solid lines in the plot (right) show the quantification of the 

fluorescence intensity changes in the yellow box region in the cell images and dotted lines were obtained by numerical 

simulations of the ODE system shown in C. The cell was treated with nocodazole to increase non-microtubule bound GEF-H1 

levels. Adapted from Kamps et al. (2020). 

1.3.6 Potential mechanisms of negative feedback in cell contraction 

signaling 

As previously outlined (section 1.3.2), the delayed negative feedback in the activator/inhibitor 

network topology underlying the cell contraction signaling network was proposed to be an 

actomyosin-dependent process, and there are several lines of evidence that support Myosin 

as negative feedback mediator: The recruitment of Myosin is nearly anti-phasic to Rho activity 
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at the plasma membrane, thus suggesting that the rise of Myosin is associated with a 

corresponding decrease in Rho activity (Graessl et al., 2017; Kamps et al., 2020; Kowalczyk et 

al., 2022).  Additionally, the system shows a significant decrease in pulsing activity after the 

direct or indirect inhibition of Myosin activity. For example, as demonstrated by Graessl et al. 

(2017), the inhibition of the Rho kinase ROCK via the small molecule inhibitor Y27632 acutely 

reduces the frequency of Rho activity pulses. As this kinase is a well-known activator of Myosin 

downstream of active Rho, this observation offers indirect support for the hypothesis of a role 

for Myosin in the regulation of cell contraction dynamics. Furthermore, more direct inhibition 

of Myosin II activity via the small molecule inhibitor blebbistatin had a comparable effect 

(Graessl et al., 2017). One potential mechanism of the Myosin mediated feedback might be 

the proposed binding of active Myosin to the DH domain of GEF-H1 (Lee et al., 2010; Kamps 

et al., 2020). This interaction could potentially inhibit GEF-H1 mediated Rho activation by 

competing with the nucleotide exchange activity of the GEF-H1 DH domain, thus disrupting 

the positive feedback (Lee et al., 2010; Kamps et al., 2020). 

Interestingly, while these studies on adherent mammalian cells indicated a role for contractile 

actomyosin structures and specific non-muscle Myosin II in negative feedback, several lines of 

research in other systems, that include Starfish and Xenopus oocytes and C. elegans embryos, 

revealed a specific involvement of F-actin. Furthermore, these studies also found that non-

muscle Myosin II was not essential for generating pulsatile signal network dynamics 

(Nishikawa et al., 2017; Michaux et al., 2018). It was revealed that, in Starfish and Xenopus 

oocytes, the RhoGAP RGA3/4 is recruited to the cell cortex by F-actin. There, it inhibits Rho 

activity, closing a negative feedback loop what controls cell contraction pulses (Michaud et al., 

2022). The negative feedback regulation in C. elegans embryo cell contraction pulses is driven 

by a similar mechanism (Michaux et al., 2018). 

Such an actin-based Rho inhibition mechanism can also be effectively enforced in U2OS cells 

by ectopic expression of the Rho inhibiting GTPase-activating protein (GAP) Myo9b (Müller et 

al., 1997; Graessl et al., 2017). This protein is recruited to sites of increased Rho activity 

(Graessl et al., 2017; Michaud et al., 2022) by binding to F-actin, which in turn can be 

stimulated by Rho, for example via the actin nucleator FHOD1 (Kühn and Geyer, 2014). 

However, the generated pulses had a much higher frequency than the observed frequency 

with endogenous Myo9b levels, and the amplitude was much lower (Graessl et al., 2017). 
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Both, FHOD1 and Myosin II are not direct effectors of Rho, but instead activated downstream 

of the Rho effector ROCK (Gasteier et al., 2003; Graessl et al., 2017; Garrido-Casado et al., 

2021).  

Taken together, these studies are controversial and thus suggest that the mechanism that 

mediates negative feedback regulation of cell contraction dynamics might be species or 

context specific and potentially more complex than currently appreciated. 

1.4 The role of the Rho effector kinase ROCK in cell contraction 

regulation 

As described above, Rho-associated coiled-coil containing protein kinases (ROCKs) were 

shown to play a central role in the regulation of cell contraction. ROCKs are serine-/threonine 

kinases and important effectors of Rho (Watanabe et al., 1996). They are well-known for their 

ability to activate Myosin II via activating phosphorylation of the Myosin regulatory light chain, 

as well as via inactivating phosphorylation of the Myosin regulatory light chain phosphatase 

MYPT1 (see section 1.2.2) (Amano et al., 1996; Kimura et al., 1996; Matsui et al., 1996).  

Two human ROCK isoforms were identified, ROCK1 with 1354 amino acids and ROCK2 with 

1388 amino acids. Both isoforms comprise three major protein domains. First, the N-terminal 

kinase domain followed by a long coiled-coil domain that contains three Rho binding domains 

(HRI, RID, and RBD) (Blumenstein and Ahmadian, 2004). The coiled-coil is also responsible for 

the dimerization of ROCKs (Nakagawa et al., 1996). At their C-terminus, these proteins exhibit 

a split PH domain (Pleckstrin homology) (Nakagawa et al., 1996) that has an inserted C1 

domain (cysteine-rich zinc finger-like motif) (Figure 6A). The entire domain is called the PHC1 

tandem domain (Wen et al., 2008). 

In analogy to the typical roles of PH and C1 domains, the PHC1 tandem domain of ROCK was 

originally thought to play a role in plasma membrane binding. Many PH and C1 domains can 

specifically recognize signal lipids such as PIP2 or PIP3, or DAG, respectively. However, the PH 

and C1 domain parts of the ROCK PHC1 domain lack the critical amino acids that are 

responsible for these specific interactions. In contrast, the PHC1 domain contains a relatively 

large number of positive charges that can interact with the negatively charged headgroups of 
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biological lipids, and indeed, these positive charges were found to play a crucial role in ROCK 

membrane binding (Figure 6B) (Wen et al., 2008). 

Despite this knowledge about the function of these domains, the mechanisms by which ROCKs 

are regulated are still unclear.  

 

Figure 6: Structure of the PHC1 tandem domain of ROCK. (A) Mapping of the PH and C1 domain in a 3D structure. The black 

arrow indicated the insertion site of C1 into the split PH domain. (B) Model to demonstrate the possible synergic action of 

positively charged amino acids (blue) on both domains in the tandem supramodule to bind the plasma membrane. Adapted 

from Wen et al. (2008). 

1.4.1 Classical mechanism for ROCK regulation via autoinhibition 

In earlier studies, a relatively simple mechanism for ROCK activation was suggested, in which 

the N-terminal kinase domain is bound and inhibited by the C-terminal region of ROCK (Chen 

et al., 2002), and in which the interaction between active Rho and the ROCK C-terminus 

releases this autoinhibition (Figure 7A) (Raouf A. Khalil, 2010; Khalil, 2010). This idea is 

supported by the observation that C-terminal truncation mutants of ROCK are constitutively 

active (CA), while N-terminally truncated mutants exhibit dominant negative effects (Amano 

et al., 1997; Ishizaki et al., 1997; Amano et al., 2000; Asp et al., 2002). 

1.4.2 “Molecular Ruler Hypothesis” for ROCK function 

However, more recent studies raised questions about this idea, suggesting that ROCK is always 

in a fully extended conformation. In this conformation, its long coiled-coil region acts as a 
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spacer, positioning the kinase domain approximately 120 nm away from the plasma 

membrane (Figure 7B) (Truebestein et al., 2015). Based on this hypothesis, the N-terminal 

kinase domain of ROCK can only reach and then activate Myosin in the dense cell cortex near 

the plasma membrane in the extended conformation. Indeed, removing even a small section 

of the coiled-coil was found to interfere with ROCKs ability to activate Myosin. However, this 

mechanism also raised questions about the mechanism, how Rho could activate ROCK, as all 

known Rho GBDs (GTPase binding domain) are located within the coiled-coil domain, which is 

well-separated from the plasma membrane in the extended ROCK conformation (Figure 7B). 

Furthermore, these studies did not confirm the previously characterized interaction between 

ROCK and active Rho and even questioned that a specific interaction between active Rho and 

ROCK might exist. Consequently, there is a gap in our knowledge regarding the activation of 

ROCK and its downstream activities. 

 

Figure 7: Models of ROCK regulation. (A) The classical model of ROCK regulation via autoinhibition posits that the PHC1 

domain inhibits the kinase domain. (B) A more recent model suggests that the coiled-coil domain places the kinase domain 

at a specific distance from the plasma membrane. In the model, ROCK1 is believed to be constantly bound to the plasma 

membrane. However, it is unclear how RhoA can activate ROCK in this conformation. Figure adapted from Gierse et al. 

(2025b). 

1.5 Objective 

The aim of this thesis was to gain a deeper understanding of negative feedback regulation in 

the cell contraction signal network of mammalian, adherent cells. Previous investigations by 

Graessl et al. (2017) and Kamps et al. (2020) already clearly established that pulse or wave-

like cell contraction signal network dynamics are generated by a combination of positive and 

negative feedback regulation, and that positive feedback is mediated by mutual activation 
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between active Rho and GEF-H1. The studies by Graessl et al. also already provided evidence 

for delayed negative feedback regulation which is dependent on intact and dynamic 

actomyosin structures. During the same time, studies in other model systems, including 

Xenopus oozytes or C. elegans embryos, suggested that Myosin itself is not required for cell 

contraction signal network dynamics, but that instead actin is the critical negative feedback 

component. To resolve this question, the initial objective of this study was to introduce long-

term or rapid light-controlled perturbations in mammalian, adherent cells, to directly 

investigate the role of Myosin in negative feedback regulation (Results section 2.1). In 

particular, perturbation constructs that are based on the Myosin-activating kinase ROCK1 

were chosen to introduce perturbations into the signal network. However, the initial attempts 

to control ROCK activity with light were not successful and revealed a more complex 

mechanism for its regulation than initially anticipated. This lead to new objectives to 

investigate ROCK1 regulation by Rho activity (Results section 2.2) and to investigate the 

crosstalk between RhoA and the unconventional Rho GTPase Rnd3 (Results section 2.3). 

2 Results  

2.1 Negative Feedback regulation of the cell contraction network  

As discussed in section 1.1.1, it is often difficult to predict how the dynamics of signal networks 

with feedback regulation are affected by experimental manipulations. Based on previous 

results, the cell contraction signal network, which combined both positive and negative 

feedback, is a prime example for such a system. In particular, it is challenging to predict how 

its pulsatory dynamics, as shown in Figure 5C, are modulated by specific manipulations of 

system components. To gain a more quantitative understanding of this system, simulations 

were performed based on stochastic differential equations (SDEs) that were established 

previously by Kamps et al. (2020). 

Figure 5B in the introduction already introduced a system of ordinary differential equations 

(ODEs) that can closely reproduce the oscillatory system dynamics of the cell contraction 

signal network (Figure 5C). To enable more realistic simulations, stochastic effects were 

introduced by Kamps et al. into the slowest, rate-limiting Myosin component (Kamps et al., 

2020). The resulting system of stochastic differential equations (SDEs) is as follows: 
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𝑑𝑑𝑑𝑑 = (k3(GT − G) ∙ R − k4G ∙ M)dt    equation (1) 

𝑑𝑑𝑑𝑑 = � k1G∙(RT−R)
Km1+(RT−R) −

k2∙R
Km2+R

� 𝑑𝑑𝑑𝑑    equation (2) 

𝑑𝑑𝑑𝑑 = � k5R∙(MT−M)
Km5+(MT−M) −

k6∙M
Km6+M

�𝑑𝑑𝑑𝑑 + 𝜎𝜎 ∙ 𝑑𝑑𝑑𝑑   equation (3) 

The ODE system shown in Figure 5B was modified with small, stochastic processes that 

influence the system (equation (3)). This was modeled by a low level of Gaussian noise 𝜎𝜎 ∙

𝑑𝑑𝑑𝑑, with 𝑑𝑑𝑑𝑑 = 𝑟𝑟 ∙ √𝑑𝑑𝑑𝑑, with σ being a factor that represents the level of Gaussian noise, and 

r corresponding to normally distributed random numbers with a standard deviation of 1 

(Kamps et al., 2020). Incorporating such stochastic changes are justified, as it is well-known 

that the 3 simulated network components are influenced by many additional factors, many of 

which are highly stochastic in their nature. 

Theoretical investigations based on this SDE system were combined with experimental 

manipulations of the cell contraction signal network in the U2OS osteosarcoma cell line. 

Similar to previous studies (Figure 5) (Graessl et al., 2017; Kamps et al., 2020) total internal 

reflection fluorescence (TIRF) microscopy was employed to measure subcellular, spatio-

temporal dynamics of the plasma membrane translocation of signal network components to 

evaluate their activity state. In particular, cell contraction signal network dynamics were 

stimulated by releasing the positive feedback mediator GEF-H1 from microtubules by treating 

cells with the microtubule-destabilizing drug nocodazole and by measuring Rho activity via a 

GTPase-binding domain (See sections 1.3.1 and 1.3.3 and Figure 3B-C). Alternatively, we 

expressed the microtubule-binding deficient GEF-H1 C53R mutant, which can also stimulate 

cell contraction signal network dynamics and in parallel can be used to measure local Rho 

activity dynamics (see sections 1.3.1 and 1.3.3 and Figure 3D). To evaluate, how experimental 

manipulations affect signal network dynamics, a custom-build automated analysis ImageJ 

macro (Graessl et al., 2017) was used to measure the local standard deviation of the signal, as 

well as the frequency and amplitude of signal network activity pulses (see also Methods 

section 7.10.2). 
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2.1.1 Both inhibition and constitutive activation of Myosin inhibit cell 

contraction signal network dynamics 

In the initial theoretical investigations, the SDE system by Kamps et al. (Figure 5) was employed 

to gain more detailed insights into the mechanism of negative feedback regulation (Figure 8A). 

This system is based on the hypothesis that Myosin functions as the sole negative feedback 

regulator and simulations that include specific manipulations were compared with 

corresponding experiments to challenge this hypothesis.  

First, manipulations were implemented in the theoretical network model for which the 

corresponding experimental response was already known. Specifically, the effect of two 

distinct inhibitors on signal network dynamics were investigated: The direct inhibition of the 

Myosin component by blebbistatin, which is expected to reduce the total amount of activation 

competent Myosin (variable MT; see Methods for details) (Figure 8B-C), and the inhibition of 

ROCK using the specific inhibitor Y27632. This is represented by the reduction of the rate 

constant k5, which links the Rho and Myosin activities (Figure 8D-E). 

Simulations of the system dynamics showed that the direct inhibition of Myosin has little to 

no effect on pulsatory signal network dynamics until an inhibition level of 90%. From 90% to 

92%, both the peak height and peak frequency decrease sharply, and no pulsatile dynamics at 

inhibition levels that exceeded 93% could be measured (Figure 8C-D). These results agree with 

experimental findings reported by Graessl et al. (2017), which showed that a high 

concentration of the Myosin inhibitor blebbistatin (30 µM) was necessary to significantly 

inhibit or reduce pulsatory signal network dynamics in cells. At lower concentrations both Rho 

and Myosin were still highly dynamic, suggesting that a small fraction of Myosin was sufficient 

to support pulse generation. 

Simulations of the effect of ROCK inhibition indicate a more gradual concentration 

dependency compared to direct Myosin inhibition (compare Figure 8C to E). In particular, a 

gradual reduction in dynamics as evidenced by a decrease in peak frequency and peak height 

with increasing levels of ROCK inhibition was observed (Figure 8E). This is in agreement with 

experimental observations reported in Graessl et al. (2017) on peak frequency, and with 

results on peak amplitude reported in the PhD thesis related to this publication (PhD Thesis 

Melanie Graessl, 2015). In these experiments, a reduction in peak height and frequency is 
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observed over a broader concentration range of the Y27632 inhibitor, and not a switch-like 

concentration dependence as with blebbistatin. These SDE simulations therefore align with 

the previously published experimental results of cell contraction network perturbations, and 

thereby validate the applicability of the SDE system, and further support the idea that negative 

feedback is mediated via Myosin II.  

 

Figure 8: Theoretical investigation of the role of Myosin and ROCK inhibition in cell contraction signal network dynamics. (A) 

Simplified biochemical reaction scheme that is proposed to generate excitable and oscillatory dynamics of cell contraction 

(see Methods for details). Red inhibitory arrows indicate perturbations via inhibitors. (B) Representative simulations of signal 

kinetics at indicated levels of Myosin inhibition obtained via SDE simulations. No pulsatile dynamics were observed at high 

levels of Myosin inhibition, even if prolonged simulations were performed that corresponded to more than 24h of simulated 

time. (C) Rho activity peak height (left) and Rho pulse frequency (right) dependence on decreasing Myosin levels (n=3 

independent simulations for each value). On the x-axis, Myosin inhibition corresponds to the percentage reduction of the MT 

parameter (total Myosin concentration, i.e., the sum of active and inactive Myosin). (D) Representative simulations of signal 

kinetics at indicated levels of ROCK inhibition obtained via SDE simulations. (E) Rho activity peak height (left) and Rho pulse 

frequency (right) dependence on increasing levels of ROCK inhibition (n=3 independent simulations for each value). On the x-

axis, ROCK inhibition corresponds to the percentage reduction of the k5 parameter shown in A, which represents the Myosin 

activation rate downstream of active Rho. Figure adapted from Gierse et al. (2025a). 
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Even though the negative effect on system dynamics after Myosin inhibition supports the SDE-

based model, the inhibition of such a central cellular component could also have an indirect 

effect that could explain these results. Therefore, complementary investigations were 

performed that are based on constitutive activation of Myosin II, both within the simulations 

and experimentally. This can for example be achieved by expression of a constitutively active 

ROCK1 mutant (CA-ROCK1). Conceptually, this mutant would be an additional component that 

needs to be added to the cell contraction signal network simulation (Figure 9A). Due to its 

constitutive activity, there are no inputs into this component, but only an output into the 

Myosin component. To keep this component as simple as possible, it is implemented by a 

single enzymatic reaction with effective rate constant k7 and Michaelis constant Km7. Our 

simulations predicted that even a very small amount of constitutive Myosin activation can 

strongly inhibit network dynamics (Figure 9B, right). While concentration dependency is clear 

(Figure 9C), the simulations indicate that this dependence is only observed within a very 

narrow range of very low CA-ROCK1 activity levels (Figure 9C).  

This inhibition of system dynamics was confirmed via experiments in U2OS cells. As shown in 

Figure 9D (right), expression of a previously established constitutively active ROCK1 mutant 

(CA-ROCK1) effectively suppressed the signal network dynamics observed via a Rhotekin-

based Rho activity sensor. Our observations revealed a decrease in both peak height and 

frequency (Figure 9D, right), and these measurements thus confirm the predictions that were 

obtained via simulations (Figure 9D, left).0

1 

The CA-ROCK1 construct is a C-terminal truncation of full-length ROCK1 that contains only the 

kinase domain and a part of the coiled-coil for dimerization, which is essential for kinase 

activity (data not shown). This construct has been utilized in numerous studies, which have 

demonstrated an increase in cell contraction activity, as evidenced for example by increased 

stress fiber formation (Ishizaki et al., 1996; Leung et al., 1996; Amano et al., 1997). To confirm 

that our CA-ROCK1 construct is indeed constitutively active, we stained U2OS cells for 

filamentous actin (F-actin) with phalloidin (Figure 9E). As illustrated in Figure 9E, the actin 

structures undergo significant alterations in the presence of CA-ROCK1. In particular, we 

observed actin accumulations within the cell, which were similar to previous studies that 

 
1 These investigations were performed under my supervision by Bachelor student Jennifer Hanemann 
(Thesis year 2023) 
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documented comparable results (Ishizaki et al., 1996). Here, Cell Profiler was employed to 

quantitatively assess the levels of F-actin in cells that had been transfected with either the 

parental control construct or CA-ROCK1. The analysis confirmed the activity of CA-ROCK1: The 

maximal phalloidin intensity (Figure 9F), which is a measure for local accumulation of F-actin, 

was significantly increased in cells transfected with CA-ROCK1 compared to the control.  

Taken together, these results show that either the inhibition or the constitutive activation of 

Myosin II inhibits the dynamics of the cell contraction signal network, and that the 

combination of experimental investigations and simulations supports a direct role for Myosin 

II in mediating negative feedback regulation in this system. 

 

Figure 9: Continuous activation of Myosin II by constitutively active ROCK1 (CA-ROCK1) inhibits cell contraction signal network 

dynamics in mammalian adherent cells. (A) Simplified biochemical reaction scheme that is proposed to generate excitable 

and oscillatory dynamics of cell contraction (see Methods for details). The red arrow from CA-ROCK1 indicates the non-

feedback regulated, continuous activation of Myosin II. (B) Representative simulations of signal kinetics in the presence or 

absence of constitutively active ROCK1 (the CA-ROCK1 activation level corresponds to k7 = 0.0006; see panels C and D). (C) 

Dependence of Rho activity peak height (top) and Rho pulse frequency (bottom) on increasing Myosin over-activation by 

increasing CA-ROCK1 levels (n=3 independent simulations for each value). On the x-axis, CA-ROCK1 activation corresponds to 

the rate constant k7 in the scheme shown in panel A, which represents the Myosin activation. (D) Comparison of Rho activity 

peak height (top) or pulse frequency (bottom) in the absence or presence of CA-ROCK1, using either SDE simulations (left) or 
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experimental analysis (right). The experimental analysis was obtained from measurements in U2OS cells using a Rhotekin-

based translocation Rho activity sensor. The cells co-expressed either an the mCherry fluorophore alone for the control group 

or mCherry-CA-ROCK1 protein. The signal network dynamics were stimulated by adding 30 µM of nocodazole. SDE simulations 

were carried out at a CA-ROCK1 concentration corresponding to the blue arrowheads in C. (E) Representative wide-field 

images of cells expressing either mCherry control (top) or mCherry-CA-ROCK1 (bottom), which were stained for F-actin 

(Atto488-phalloidin). Cells expressing the respective construct are indicated by the orange arrowheads. (F) Quantification of 

the maximum phalloidin signal corresponding to the conditions shown in panel E (n = 3 independent repeats with ≥694 cells, 

unpaired t-test). **: p < 0.01, ***: p < 0.001, ****: p < 0.0001. Scale bar: 50 µm, 0.8 µm/pixel. Figure adapted from Gierse et 

al. (2025a). 

2.1.2 Centripetal flow of active Myosin rescues peripheral cell contraction 

network dynamics 

Careful examination of the effect of CA-ROCK on cell contraction dynamics shown in Figure 9D 

revealed additional, unexpected changes. While signal network dynamics were strongly 

suppressed in the majority of cells, some residual activity was still detectable in a subset of 

cells. Interestingly, network dynamics were only visible in the periphery of these cells, and 

dynamics were largely absent in central cell attachment areas. 

To further investigate this unexpected observation, the effects of long-term CA-ROCK1 

expression on Myosin and signal network dynamics were examined by an observer, who was 

blind to the experimental manipulations. First, the CA-ROCK1 (Figure 10A-C, bottom) or the 

empty parental plasmid (Figure 10A-C, top) were expressed together with fluorescently 

labeled Myosin IIa heavy chain. In the control condition, approximately 90% of cells exhibited 

normal Myosin II structures (stress fibers, small patches), as depicted in the TIRF image of a 

representative cell (Figure 10A, top). In contrast, in CA-ROCK1 expressing cells, only ∼20% of 

cells showed a normal organization of Myosin (Figure 10C). Instead, ∼70% of cells expressing 

CA-ROCK1 had aggregated Myosin II (Figure 10A-C, bottom). In some cells, it was possible to 

observe a continuous flow of Myosin II towards the aggregation site. The kymograph of the 

TIRF image of the example cell illustrates this flow (Figure 10B, bottom).  

Next, the response of the network dynamics to CA-ROCK1 expression was examined. For these 

experiments, signal network dynamics were stimulated with GEF-H1 C53R. The cells co-

expressed either the empty parental construct as control (Figure 10D-F, top) or CA-ROCK1 

(Figure 10D-F, middle and bottom). Control cells exhibited much higher dynamics in central 

cell attachment areas compared to CA-ROCK1 transfected cells (Figure 10F). Furthermore, in 
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about 30% of the cells the analysis clearly showed that CA-ROCK1 can induce a shift of signal 

network dynamics towards peripheral cell attachment regions (Figure 10D-E, middle, and 

Figure 10F).  

What could be the reason for this effect? It is well-established that CA-ROCK1 continuously 

activates Myosin without feedback control, thus leading to an uncontrolled over-activation of 

Myosin. Hypothetically, based on the contractile forces generated by Myosin, this 

uncontrolled activation could result in a continuous centripetal contractile actomyosin flow 

from the periphery of the cell attachment area towards more central areas. Increased Myosin 

in the cell center (Figure 10A, bottom) could then locally inhibit Rho amplification, while 

peripheral areas are less affected due to the depletion of actomyosin via its centripetal flow 

(Figure 10G). This hypothesis was subsequently confirmed through additional experiments. 

As shown in the example in Figure 10H-I, Myosin II accumulates near the nucleus due to 

constitutive Myosin activation. This prevents Rho/GEF-H1 activity dynamics in central cell 

attachment areas and only allows pulsatory signal network dynamics in the cell periphery, 

where Myosin is depleted due to contractile flow. 

Both observations, the complete inhibition and the spatial shift of pulsatory dynamics, 

support an inhibitory role of Myosin II on cell contraction signal network dynamics. Therefore, 

the results obtained from these experiments provide substantial support for the hypothesis 

that non-muscle Myosin II functions as a negative feedback mediator. In particular, the spatial 

shift induced by central Myosin accumulation furthermore also suggests that this effect is local 

in cells, and either mediated directly by Myosin molecules, or by an additional component 

that is specifically associated with Myosin and only acts very closely within a short distance of 

actomyosin structures.  
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Figure 10: Continuously activated Myosin IIa by constitutively active ROCK1 (CA-ROCK1) restricts the activity of the cell 

contraction signal network the periphery of the cell attachment areas. (A-C) Analysis of the Myosin IIa response to CA-ROCK1 

expression (long-term). (A) Representative TIRF images of cells expressing mCherry as a control (top) or mCherry-CA-ROCK1 

(bottom), together with mCitrine-non-muscle Myosin heavy chain IIa. (B) Kymographs corresponding to regions in A (orange 

lines). The orange arrows in the bottom right indicate the retrograde flow of Myosin IIa toward the single Myosin IIa aggregate 

within the example cell. (C) Quantitative analysis of the change of Myosin IIa structures in cells in response to CA-ROCK1 over-

expression. (D–F) Analysis of the cell contraction signal network dynamics in response to long-term CA-ROCK1 expression. (D) 

Representative TIRF images of cells co-expressing mCherry as a control (top), mCherry-CA-ROCK1 (middle and bottom) 

together with mCitrine-GEF-H1 C53R. (E) Kymographs corresponding to regions in D (orange lines). (F) Quantitative analysis 

of the effect of CA-ROCK1 on GEF-H1 C53R dynamics. (G) Proposed mechanism of the spatiotemporal shift in GEF-H1 C53R 

dynamics in cells expressing CA-ROCK1. Continuous Myosin activation leads to the assembly of a single Myosin aggregate 

within the cell and a contractile flow that reduces active Myosin levels at the cell's periphery. Based on our hypothesis, this 

would minimize the inhibitory effect of Myosin on Rho activity and restrict the dynamics of the pulsatile signaling network in 
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the peripheral regions of the cell. (H–I) Direct investigation of the effect of Myosin II on signal network dynamics. (H) 

Representative TIRF images of cells co-expressing mCherry-CA-ROCK1, mCitrine-GEF-H1 C53R, and mTurquoise-non-muscle 

Myosin heavy chain IIa. (I) Kymographs for the regions indicated in H (orange lines). n = 3 independent experiments with >42 

cells for A–C and >32 cells for D–F. Error bars represent standard error of the mean, *: p < 0.05, **: p < 0.01, unpaired t-test. 

Scale bars: 10 µm; 0.26 µm/pixel. Figure adapted from Gierse et al. (2025a). 

2.1.3 Rapid light-based perturbations support a specific inhibitory role for 

Myosin in the cell contraction signal network 

While ROCK1 is best known for its ability to activate non-muscle Myosin II, it can also 

phosphorylate and activate the actin nucleator FHOD1, leading to the accumulation of actin 

filaments. Thus, although the previous results strongly support a specific role for actomyosin 

as negative feedback regulator in the cell contraction signal network, it was still unclear, if this 

effect was due to Myosin or due to actin within these structures. To distinguish between these 

possibilities, perturbations were introduced more rapidly and combined with specific 

readouts of the Myosin vs actin response kinetics.  

Initially, the LOVTRAP system (Wang et al., 2016) was employed, which enabled a rapid 

manipulation of the effective cytosolic concentration of CA-ROCK1 in individual living cells 

(FigureS 2A). In this system, CA-ROCK1 is sequestered away from the cytosol to mitochondria 

in the dark by a fusion with the dark-state binding Zdk1 domain. This domain interacts with 

the light-oxygen-voltage-sensing (LOV2) domain that is anchored at mitochondria. 

Illumination with blue light triggers the reversible release of CA-ROCK1 into the cytosol, where 

it then can act on the cell contraction signal network. In general, these perturbations reduced 

signal network dynamics, however, the strength of the effect was variable from cell to cell 

(FigureS 2), presumably due to the relative slow coupling between illumination, release and 

effect on the signal network. One possible explanation for the slow coupling is that the CA-

ROCK1 does not contain a plasma membrane interacting domain. Therefore, the 

concentration of CA-ROCK1 was high in the cytosol but not as high as needed at the plasma 

membrane where the cell contraction signaling network in U2OS cells is present. Thus, an 

optimized perturbation strategy that can introduce a stronger perturbation more rapidly and 

localized at the plasma membrane would be preferable for a more detailed investigation into 

the impact of CA-ROCK1 release on Myosin and actin at the plasma membrane. 
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As ROCK is a signal molecule that acts at the plasma membrane, direct targeting of this 

molecule to this compartment is expected to be more effective to quickly raise its local 

concentration compared to releasing a signal molecule from mitochondria into the much 

larger cytosolic volume. To achieve such a more direct activity control of ROCK, the Molecular 

Activity Painting (MAP) method was employed (Chen et al., 2017; Kamps et al., 2020). In this 

method, a protein of interest is recruited to an immobilized artificial plasma membrane 

receptor upon uncaging of a photo-chemical dimerizer with a focused beam of UV light (Figure 

11A and Figure 4). In parallel to this perturbation, a response of an arbitrary fluorescently 

labeled component can be monitored over time (Figure 4).  

Initially, CA-ROCK1 was recruited to the plasma membrane, however, this did not result in a 

measurable Myosin response (Figure 11B-D). In contrast, if full-length ROCK1 was recruited to 

the plasma membrane, Myosin II was strongly co-recruited and activated at the perturbation 

spot (Figure 11F-H). Over the course of this thesis, several additional constructs were 

developed to enable plasma membrane recruitment of ROCK1 variants1

2. These investigations 

lead to the insight that the PHC1 domain and/or the coiled-coil domain are essential for 

plasma membrane targeted ROCK1 to activate non-muscle Myosin II (see Figure 23 in Section 

2.2).  

 
2 See, Figure 23 in chapter 2.2.5 for a more detailed description of the development of ROCK1-based Myosin 
activation constructs. 
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Figure 11: Light- triggered, rapid plasma membrane targeting of full-length ROCK1 activates Myosin IIa in the cell cortex. (A) 

Schematic representation of CA-ROCK1 bound to an immobilized artificial receptor using the original Molecular Activity 

Painting (MAP) method. (B) Representative TIRF images of a cell expressing mTurquoise2-CA-ROCK1-eDHFR (left) and 

mCherry-non-muscle Myosin heavy chain IIa (right) before and after local photouncaging. Orange arrowheads point to the 

uncaging position. (C) Kymographs corresponding to the orange lines in B. (D) Quantification of the perturbation of 

mTurquoise2-CA-ROCK1-eDHFR and the response of mCherry-non-muscle Myosin heavy chain IIa. (E) Schematic 

representation of full-length ROCK1 bound to an immobilized artificial receptor using the original Molecular Activity Painting 

(MAP) method. (F) Representative TIRF images of a cell expressing mTurquoise2-ROCK1-eDHFR (left) and mCherry-non-muscle 

Myosin heavy chain IIa (right) before and after local photouncaging. Orange arrowheads point to the uncaging position. (G) 

Kymographs corresponding to the orange lines in F. (H) Quantification of the perturbation of mTurquoise2-ROCK1-eDHFR and 

the response of mCherry-non-muscle Myosin heavy chain IIa. Mean values with standard error of the mean (SEM). Panels B-

D are identical to panels B-D middle1 in Figure 23. Figure adapted from Gierse et al. (2025a) and Gierse et al. (2025b). 

While these results clearly demonstrate the performance of the approach, analyzing the effect 

of a local perturbation at the plasma membrane on signal network dynamics was challenging. 

This would require accurate measurements of network activity before and after perturbation 

exclusively at the site of perturbation, as the activity dynamics in the remaining cell area are 

expected to be unaltered. This is problematic because network activity can occur anywhere in 
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the cell and the position cannot be predicted. Furthermore, it was unclear which spatial 

perturbation dimensions would be required to influence signal network dynamics. To address 

these points, a variant of the MAP-based method was developed, that was named Cell 

Attachment area - MAP (CA-MAP, Figure 12). In this variant, the uncaging of the photochemical 

dimerizer occurs in the entire cell attachment area. To achieve this, a UV laser was utilized in 

TIRF mode to ensure uniform illumination in the entire field of view. Furthermore, to simplify 

the method, the artificial receptor is not immobilized. This was not expected to be necessary, 

as lateral diffusion in this configuration would only have a very slow effect on the perturbation 

concentration in the cell attachment area. Compared to illumination in a single, diffraction 

limited spot, initial optimization experiments showed that about 3x more laser intensity is 

required for effective uncaging und ROCK1 plasma membrane recruitment.  

 

Figure 12: Schematic representation of Cell Attachment area – Molecular Activity Painting (CA-MAP). (A) Overview 

representation of CA-MAP activation via TIRF illumination. Illumination occurs only in the evanescent field of the TIRF 

microscope (magenta gradient), leading to the plasma membrane recruitment of ROCK (cyan boxes). (B) Detailed 

representation of the components of the CA-MAP approach in this study: Artificial receptors that contain a Halo-Tag are bound 

to a photocage dimerizer. Uncaging with a 405-nm laser for 400 ms in the entire cell attachment area via TIRF illumination 

enables the interaction between of the eDHFR domain fused to ROCK1 and the artificial receptor, thereby increasing the local 

concentration of ROCK1 at the plasma membrane, where it can affect its downstream targets. Figure adapted from Gierse et 

al. (2025a). 

As shown in Figure 13B-D, the ROCK1 recruitment to the plasma membrane via the CA-MAP 

method is very robust and immediate. In fact, the increase in ROCK1 signal upon illumination 

in the example cell shown reached up to 366% and exhibited very fast, switch-like kinetics. 

The Myosin IIa response to this perturbation was also very robust and started immediately 

and then exhibited a slow but continuous increase over several minutes (reaching up to 108% 

in the example cell). The slow increase was expected due to the relatively slow kinetics of 

Myosin activation and plasma membrane recruitment, which is a multi-step process, that for 

example includes Myosin polymerization into functional mini-filaments (Beach et al., 2017).  
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Given this robust Myosin response, the subsequent experiments focused on the question, 

whether the dynamics of the cell contraction signaling network are influenced by the 

recruitment of ROCK1 to the plasma membrane. As the perturbation affects the whole cell 

attachment area, its effect on signal network dynamics can be quantified by similar analysis 

approaches that were previously published (Graessl et al., 2017) and already used in section 

2.1.2. In these experiments, cells were prepared and treated analogously to Figure 13B-C 

however, rather than measuring the Myosin response, a Rhotekin-based Rho activity sensor 

was employed as the readout. To ensure accurate quantification of pulsatile signal network 

dynamics, cells were observed for extended periods of time (20 minutes) both before and 

after introducing the perturbation. The signal network dynamics were stimulated throughout 

the entire experiment by the addition of 30 µM nocodazole (Figure 13E-G and K-l). This 

treatment releases GEF-H1 from microtubules, thereby enabling a larger dynamic range for a 

potential inhibitory effect.   

Similar to the previous experiments shown in Figure 11F-H and Figure 13B-D, the ROCK1 

perturbation was again very robust, rapid and strong (Figure 13F-G), and this perturbation had 

a significant effect on the dynamics of the cell contraction signal network. In particular, rapid 

ROCK1 perturbation leads to a substantial decrease in the pulse frequency, pulse height, and 

local standard deviation of the Rho sensor signal (Figure 13L). To ensure that this effect was 

not caused by the light used for uncaging, an additional control was performed in identical 

conditions, but in the absence of the photochemical dimerizer (Figure 13H-J and M-N). 

Analyses of these experiments clearly demonstrate that the observed effect is specific to the 

recruitment of ROCK1 and subsequent activation of Myosin and not simply caused by the 

short illumination pulse (Figure 13N). Furthermore, an analysis of the total fluorescence 

intensity in the cell attachment area revealed a 5% decrease in the baseline of the Rho sensor 

signal (Figure 13O). This decline is highly significant and again was only observed after the 

ROCK1 perturbation, and not in the control groups (Figure 13J). This shows that the ROCK1 

perturbation does not only inhibit Rho activity dynamics, but also Rho baseline activity, 

further supporting the idea, that a process that acts downstream of ROCK1 can either directly 

or indirectly inhibit Rho activity. 

As outlined in the introduction (section 1.3.6), actin serves as the feedback mediator in several 

systems that generate pulsatory dynamics of the cell contraction signal network, e.g. during 
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early stages of embryonic development in the nematode C. elegans and during cytokinesis of 

Xenopus leavis oozytes. To investigate the role of this alternative feedback mediator in 

adherent, mammalian cells, we used a fluorescently labeled actin construct as readout (Figure 

13P-S). Strikingly, although the ROCK1 perturbation leads to a massive increase in Myosin, the 

overall levels of actin were not elevated, but instead were even significantly diminished by 

about 5% (Figure 13R-S). This reduction could be explained by the known effect that 

contractile Myosin forces can break actin filaments (Murrell and Gardel, 2012; Vogel et al., 

2013; Vemula et al., 2021), which can expose unstable ends leading to actin depolymerization. 

The known activation of the formin FHOD1 by ROCK might not be able to compensate for this 

effect, as this molecule is a very inefficient stimulator of actin filament nucleation and 

polymerization and has been proposed to predominantly act as an actin crosslinking and 

capping protein (Schönichen et al., 2013). In addition to this, isoform specific effects of ROCK1 

and ROCK2 have been investigated. While ROCK2 seems to stabilize the actin cytoskeleton via 

phosphorylation of cofilin, ROCK1 does not phosphorylate that protein (Newell-Litwa et al., 

2015). Taking together with the other observations presented in this chapter, this result 

provides very strong, definitive evidence that Myosin, and not actin, is responsible for the 

observed reduction in cell contraction signal network dynamics. Thus, in contrast to other 

systems, in which an actin-based process mediates negative feedback regulation in the 

generation of pulsatory Rho activity and cell contraction dynamics, adherent mammalian cells 

utilize a different negative feedback mechanism that is dependent on Myosin II. 
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Figure 13: Light-controlled activation of Myosin IIa rapidly inhibits cell contraction signal network dynamics. (A) Schematic for 

the recruitment of ROCK1 to artificial receptors at the plasma membrane via Cell Attachment area-MAP (CA-MAP). (B–D) 

Myosin IIa response to ROCK1 plasma membrane recruitment. (B) Representative total internal reflection fluorescence (TIRF) 

images of chemo-optogenetic mTurquoise2-ROCK1-eDHFR plasma membrane recruitment and the mCherry-non-muscle 

Myosin heavy chain IIa response. (C) Kymographs that correspond to the orange lines in B. (D) Quantitative analysis of the co-
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recruitment of the Myosin IIa construct (mean values with standard error of the mean (SEM); n = 24 cells). (E–J) Analysis of 

the response of the Rhotekin-based mCherry-Rho activity sensor to ROCK1 plasma membrane recruitment. Experiments were 

performed in the in the presence (E–G) or absence (H–J) of the photo-dimerizer. (E and H) TIRF images representing the chemo-

optogenetic recruitment of mTurquoise2-ROCK1-eDHFR and the response of the mCherry-Rho sensor. (F and I) Kymographs 

that correspond to the orange lines in E and H, respectively. Orange arrowheads mark the time of the example frames in E 

and H, and green arrowheads mark the time of ROCK1 plasma membrane targeting, which coincides precisely with an 

immediate drop in baseline Rho activity levels. (G and J) Quantification of the mCherry-Rho sensor response (mean values 

with SEM; n = 33 cells for G and n = 18 cells for J). (K–N) Quantitative analysis of cell contraction network dynamics before vs. 

after light perturbation in cells incubated with dimerizer (K–L) or in control cells without dimerizer (M–N). (K and M) 

Representative intensity profile plots corresponding to the orange rectangles in E and H, respectively. (L and N) Quantitative 

analysis of the automated peak analysis of the mCherry-Rho sensor signals. The pulse frequency (left), pulse height (middle), 

and standard deviation (right) of the Rho activity sensor dynamics were determined before and after light-based perturbation. 

The standard error of the mean (SEM) was calculated from n ≥ 29 cells in three independent experiments for L and n = 18 cells 

in three independent experiments for N, and a paired t-test was performed. (O) Quantitative comparison of the fluorescence 

intensity of the mCherry-Rho sensor at three time points before and three time points after the perturbation. (P–S) Analysis 

of the actin response to ROCK1 perturbation at the plasma membrane. (P) Representative TIRF images showing the 

recruitment of mTurquoise2-ROCK1-eDHFR to the plasma membrane and the response of mCherry-Actin. (Q) Kymographs 

corresponding to orange lines in P. The green arrowheads point to the timepoint at which actin levels drop right after ROCK1 

plasma membrane recruitment. (R) Quantification of mCherry-actin response (mean values with standard error of the mean 

(SEM); n = 26 cells). (S) Quantitative comparison of the fluorescence intensity of mCherry-Actin at three time points before 

and three time points after the perturbation (paired t-test). In all experiments shown in this figure, cells were treated with 30 

µM nocodazole to stimulate cell contraction dynamics. ns: non-significant, **: p < 0.01, ***: p < 0.001, ****: p < 0.0001. Scale 

bars: 10 µm; 0.26 µm/pixel. Figure adapted from Gierse et al. (2025a). 

2.2 The PH domain of ROCK1 interacts with Rho to transduce cell 

contraction signals  

As shown in the previous chapter, Myosin II is a central component of the cell contraction 

signal network, and it mediates negative feedback to control pulsatile cell contraction 

dynamics. Furthermore, the Rho kinase ROCK1, that links the activity of Rho and Myosin, also 

plays a central role in this signaling network, as both its constitutive activation and its 

inhibition block network activity dynamics. However, during this thesis, it became clear that 

the mechanism, how ROCK1 is activated by Rho, and how it then transduces this signal to 

Myosin was still poorly understood. To investigate this mechanism, the spontaneous, 

pulsatory dynamics of the cell contraction signal network were used as a sensitive readout to 

investigate how functional manipulations of ROCK1 affect interactions and signal transduction 

in the control of cell contraction. 
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2.2.1 ROCK1 is dynamically recruited to cell contraction network activity 

patterns  

As discussed in the introduction, previous studies of pulsatile cell contraction dynamics 

already revealed several insights into the kinetics that link the central components of this 

system. Due to the rapid positive feedback between GEF-H1 and Rho, the active, plasma 

membrane bound states of these two components correlate very closely both in space and 

time at the cell cortex near the plasma membrane with minimal temporal delay (Graessl et 

al., 2017; Kamps et al., 2020). In contrast, Myosin II plasma membrane recruitment is 

significantly delayed by about 40s (Graessl et al., 2017), presumably due to the complex multi-

step process that acts between active Rho and fully functional, active Myosin II mini-filaments 

within newly formed actomyosin structures (Beach et al., 2017). These insights were obtained 

simply by pairwise, parallel measurements of the GEF-H1, Rho activity sensor and Myosin 

plasma membrane translocation dynamics. In the present study, we employed a similar 

approach to directly examine the dynamics of the Rho effector ROCK1 during individual cell 

contraction pulses (Figure 14). Analogous to experiments presented in chapter 2.1, the 

microtubule-binding deficient GEF-H1 C53R was utilized to stimulate pulsatory cell contraction 

network activity, thereby enhancing the sensitivity of the analyses (Krendel et al., 2002; 

Graessl et al., 2017; Kamps et al., 2020). As shown in the middle panels of Figure 14B-D, spatio-

temporal plasma membrane recruitment dynamics of the Rho activity sensor and GEF-H1 

C53R are identical, what confirmed previous observations (Graessl et al., 2017). For the 

following studies, GEF-H1 C53R was again employed both as a sensor to measure spatio-

temporal Rho activity dynamics and as a stimulator of cell contraction pulses. 

The spatio-temporal relationship between Rho and its effector ROCK1 full-length were 

investigated using this approach (Figure 14B-D, middle2). These experiments clearly 

demonstrate that, throughout the whole cell attachment area, ROCK1 plasma membrane 

recruitment closely follows GEF-H1 C53R/active Rho in time and space with minimal temporal 

delay. Detailed cross-correlation analyses indicate that ROCK1 is maximally recruited at an 

average of 3.12 ± 0.56s (mean ± SEM) after GEF-H1 C53R (Figure 14B-D, middle2). ROCK2 

recruitment dynamics showed similar results in an analogous experiment (Figure 14B-D, 

bottom). This shows that the recruitment of ROCK1 from the cytosol to the plasma membrane 
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is a very fast process, and that it is not a rate limiting step in the activation of Myosin 

downstream of Rho activity.  

 

Figure 14: ROCK1 is dynamically recruited to cell contraction signaling network activity at the plasma membrane. (A) The 

topology of the cell contraction signal network: The small GTPase Rho gets activated by GEF-H1 and subsequently recruits 

GEF-H1 to the plasma membrane, thereby closing a positive feedback loop. Rho activates Myosin II via the Rho effector ROCK.  

Myosin II is thought to mediate negative feedback by competing with binding to the PH domain of GEF-H1. (B) Representative 

TIRF images of cells expressing the constitutively active GEF-H1 mutant C53R, co-transfected with mCherry as control (top), a 

Rhotekin GTPase-binding domain (GBD)-based Rho activity sensor (mCitrine, middle1), fluorescently labelled full-length 

ROCK1 (mCherry-ROCK1 full-length; middle2), or fluorescently labelled full-length ROCK2 (mCherry-ROCK2 full-length; 

bottom). GEF-H1 was either labelled with mApple (Rho Sensor) or mCitrine (all other conditions). (C) Kymographs 

corresponding to orange lines in B. (D) Representative intensity profile plots corresponding to rectangular regions of interest 

in B. B-C middle 1 already shown in Figure 3. Figure adapted from Gierse et al. (2025b). 

Based on the topology of the cell contraction signal network shown in Figure 14A, the local, 

dynamic recruitment of ROCK1 to active Rho was not surprising. However, a recent study that 

proposed a new “Molecular Ruler” model for ROCK1 regulation casted doubt on a previously 

proposed direct interaction between active Rho and ROCK1 (Truebestein et al., 2015). This 

study was questioning that the previously well-established Rho binding domain (RBD) within 

its coiled-coil would bind active Rho. Specifically, an in vitro binding assay in that study failed 

to replicate a previously proposed direct interaction between ROCK1 full-length or the RBD 
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with active Rho, thus casting doubt that ROCK1 and active Rho can interact with each other at 

all. Furthermore, that study proposed that ROCK would always be constitutively bound to the 

plasma membrane in a fully extended conformation. In this conformation, the position of the 

best characterized, most C-terminal RBD within the ROCK coiled-coil would not be able to bind 

to plasma membrane bound, active Rho (Figure 7B) (Truebestein et al., 2015). These claims in 

the literature therefore prompted further consideration concerning the tight spatio-temporal 

cross-correlation between GEF-H1/active Rho and ROCK1 (Figure 14B-D, middle2).  

Interestingly, there are other potential Rho-binding sites on ROCK beyond the well-established 

RBD. This includes two additional binding sites in the coiled-coil. However, in the fully 

extended ROCK conformation, these sites would be even further away from plasma 

membrane bound Rho. The PHC1 tandem domain in the extreme C-terminus of ROCK was so 

far only seen to interact in a non-specific way with negative lipid headgroups at the plasma 

membrane via clustered positive surface charges (Wen et al., 2008). This domain is composed 

of a Pleckstrin homology (PH) domain, into which a cysteine-rich (C1) domain is inserted. 

Interestingly, previous studies in other proteins have shown that both C1 and PH domains are 

capable of specifically binding the active form of small GTPases. Examples are the interaction 

between active Ras and the C1 domain of Raf kinase and the interaction between the PH 

domain of Lbc-type GEFs and RhoA, respectively (Mott et al., 1996; Medina et al., 2013; 

Graessl et al., 2017; Kamps et al., 2020). Interestingly, in contrast to the other, previously 

described Rho binding sites in ROCK, an interaction between active RhoA and the PHC1 

domain would be compatible with the proposed, extended ROCK1 conformation by 

Truebestein et al. (2015), and would therefore be able to resolve the conflict that was raised 

by the “Molecular Ruler hypothesis”.   

2.2.2 Identification of a novel Rho binding domain in the extreme C-

terminus of ROCK 

Based on the idea, that the PHC1 tandem domain might interact with active Rho, N-terminally 

truncated ROCK1 constructs were generated, that lack the previously known GTPase binding 

domains (GBDs): The homology region 1 (HR1) (Blumenstein and Ahmadian, 2004), the Rho-

interacting domain (RID) (Blumenstein and Ahmadian, 2004), and the Rho-binding domain 

(RBD) (Dvorsky et al., 2004; Tu et al., 2011). First, constructs that contain both the PHC1 
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tandem domain and the originally identified RBD (RBD-PHC1-ROCK1) or the PHC1 tandem 

domain alone with a minimal coiled-coil region to ensure its dimerization (dPHC1-ROCK1) 

were generated (Figure 15A). Thus, the dPHC1-ROCK1 does not contain any of the previously 

reported Rho binding sites. 

Next, the dynamic recruitment of these constructs to cell contraction signal network pulses 

was measured in U2OS cells. Similar to previous experiments, the dynamics of the cell 

contraction signal network were stimulated by GEF-H1 C53R expression to increase the Rho 

activity pulse amplitude and the associated downstream effects. As shown in Figure 15B-D, 

plasma membrane recruitment of RBD-PHC1-ROCK1 closely correlated with the maximal cell 

contraction signal network activity indicated by the GEF-H1 C53R signal. This was expected, 

as RBD-PHC1-ROCK1 contained the best characterized Rho binding site. Interestingly, the 

further truncated dPHC1-ROCK1 also co-localized with GEF-H1 dynamics, despite lacking any 

of the previously reported GBDs (Blumenstein and Ahmadian, 2004). This shows that none of 

the previously characterized GBDs is required for ROCK1 to get recruited by Rho (Figure 15B-

D), implying that the remaining parts of ROCK1 are sufficient for this ROCK1 function. The 

detailed quantitative analysis confirms that both truncations, RBD-PHC1-ROCK1 and dPHC1-

ROCK1, exhibit similar pulsatile recruitment dynamics (Figure 15E-F).  

In addition to measuring co-recruitment signals of a protein of interest to GEF-H1 localization 

at the plasma membrane, the presence of a co-expressed protein of interest can also affect 

the dynamics of the GEF-H1/Rho activity pulses, for example, by interfering with interactions 

that occur between the components of the cell contraction signal network. Here, the latter 

can be quantified by measuring the dynamics of the GEF-H1 signals in the presence of the 

ROCK1 constructs. These measurements showed that ROCK1 wild type has a substantial 

inhibitory effect on signal network dynamics, while RBD-PHC1-ROCK and dPHC1-ROCK1 did 

not have such an effect (Figure 15G-H). Based on previous studies, these observations were 

initially unexpected: Classical experiments observed an inhibitory, dominant negative effect 

of the PHC1 domain of ROCK on cell contraction (Leung et al., 1996; Ishizaki et al., 1997; 

Amano et al., 1997). This observation was interpreted in the context of the autoinhibitory 

model (Figure 7A) what indicates that the C-terminal domain can inhibit the N-terminal kinase 

domain of ROCK1. However, our own observation that these constructs do not influence 

oscillatory cell contraction dynamics do not support the autoinhibitory model, and in fact are 
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contradictory to this idea. Instead, and surprisingly, increasing the expression level of the wild-

type molecule, which contains both the N-terminal kinase domain and the C-terminal domain, 

which should inhibit each other based on the autoinhibitory model, does have a significant 

inhibitory effect on cell contraction signal network dynamics. As elucidated in section 2.3, this 

effect is at least partially dependent on crosstalk of ROCK with another Rho family GTPase, 

which is called Rnd3. 

 

Figure 15: The previously identified RhoA GTPase binding domains (GBDs) within the coiled-coil domain are not necessary for 

ROCK1 plasma membrane recruitment. (A) Schematic representation of the ROCK1 constructs used in this study. (C1: phorbol 

ester/diacylglycerol binding domain, PH: Pleckstrin homology domain, RBD: Rho-binding domain, RID: Rho-interacting 

domain, HR1: homology region 1). The d prefix indicates a presumed dimeric construct based on the presence of a small 

residual coiled-coil region. (B) Representative TIRF images of cells expressing mCitrine-GEF-H1 C53R together with mCherry-

ROCK1 full-length (top), mCherry-RBD-PHC1-ROCK1 (middle), or mCherry-dPHC1-ROCK1 (bottom). (C) Kymographs 

corresponding to orange lines in B. (D) Representative intensity profile plots corresponding to the orange rectangles in B. (E-

F) Quantitative analyses of the plasma membrane recruitment dynamics of the mCherry-ROCK1 constructs shown in B-D, 



  

46 
 

compared to the mCherry control construct.  (G-H): Quantitative analysis of GEF-H1-based signal network dynamics 

corresponding to mCitrine-GEF-H1 signal changes using the same conditions as shown in E-F. Error bars represent standard 

error of the mean (SEM) from 3 independent experiments each. ns: non-significant, *: p < 0.05, **: p < 0.01, ***: p < 0.001, 

****: p < 0.0001, Dunnett’s multiple comparison test, scale bar = 10 µm, 0.26 µm/pixel. Figure adapted from Gierse et al. 

(2025b). 

In order to identify the minimal Rho binding site in the ROCK1 C-terminus, the small, 

remaining coiled-coil that was present in the dimeric dPHC1-ROCK1 construct was removed, 

resulting in the monomeric PHC1 domain (mPHC1, Figure 16A). As demonstrated in Figure 

16B-D (top), the mPHC1 domain plasma membrane recruitment exhibits a clear and 

significant correlation with GEF-H1 signals in both space and time, showing that dimerization 

via the coiled-coil is not a prerequisite for the recruitment of the PHC1 domain. Furthermore, 

a more detailed cross-correlation analysis substantiates a robust spatio-temporal correlation 

between the mPHC1 domain and the GEF-H1/active Rho plasma membrane recruitment 

signals (Figure 16D). 

Given the established propensity of the PH and C1 domains of other proteins to bind small 

GTPases (Mott et al., 1996; Medina et al., 2013; Kamps et al., 2020; Powis et al., 2023), the 

tandem domain was dissected to isolate the individual monomeric PH (mPH-ROCK1) and C1 

(mC1-ROCK1) domains (Figure 16A). These experiments showed that the mC1-ROCK1 domain 

did not exhibit any measurable signal changes in correlation with GEF-H1/Rho (Figure 16B-D, 

bottom). Furthermore, the mPH-ROCK1 was only marginally enriched at local GEF-H1/Rho 

signals (Figure 16B-D, middle). The automated quantitative analysis corroborated these 

observations: mC1-ROCK1 pulse height measurements were comparable to the negative 

control, and mPH-ROCK1 exhibited a very small positive trend which was not significantly 

different from the negative control (Figure 16E-F). This indicates that both domains are 

indispensable and act together for the efficient plasma membrane recruitment of ROCK1’s C-

terminal region. 

Furthermore, no observable decrease in network activity was detected in response to the 

expression of mPHC1-, mPH-, or mC1-ROCK1. The pulse height and pulse frequency of GEF-

H1 C53R remained unchanged in comparison to the control group. Taken together with the 

previous results (Figure 15 G-H), neither the intact PHC1 domain, nor the constituent PH or 

C1 domains (Figure 16G-H) exert any detectable dominant negative effect on pulsatile cell 

contraction dynamics. 
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Figure 16:  The PH and C1 domains are both required for efficient ROCK1-PHC1 recruitment to active Rho. (A) Schematic 

representation of the ROCK1 constructs used in this study (C1: phorbol ester/diacylglycerol binding domain, PH: Pleckstrin 

homology domain, RBD: Rho-binding domain, RID: Rho-interacting domain, HR1: homology region 1). The m prefix indicates 

a presumed monomeric construct based on the absence of a coiled-coil region. (B) Representative TIRF images of cells 

expressing mCitrine-GEF-H1 C53R together mCherry-mPHC1-ROCK1 (top), mCherry-mPH-ROCK1 (middle), or mCherry-mC1-

ROCK1 (bottom). Kymographs correspond to orange lines in B. (C) Representative intensity profile plots corresponding to the 

orange rectangles in B. (D) Mean cross correlation of the different ROCK1 variants with respect to GEF-H1 C53R localization. 

(E-F) Quantitative analysis of the plasma membrane recruitment dynamics of the mCherry-ROCK1 constructs shown in panels 

B and C, compared to the empty parental mCherry control construct. (G-H) Quantitative analysis of GEF-H1-based signal 

network dynamics corresponding to mCitrine-GEF-H1 C53R signal changes using the same conditions as shown in E-F. Error 

bars represent standard error of the mean (SEM) from 3 independent experiments each. ns: non-significant, *: p < 0.05, **: p 

< 0.01, ***: p < 0.001, ****: p < 0.0001, Dunnett’s multiple comparison test, scale bar = 10 µm, 0.26 µm/pixel. Figure adapted 

from Gierse et al. (2025b). 
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2.2.3 Alphafold predicted point mutations in the ROCK1 PH domain disrupt 

its interaction with active Rho 

To further investigate the recruitment of mPHC1 ROCK1 to cell contraction network activity, 

AlphaFold2 was employed to predict potential interactions with a set of distinct small 

GTPases. Indeed, an interaction between GTP-bound Rho family GTPases and the mPHC1 

domain was predicted with high confidence (Figure 17E). Specifically, the interface predicted 

template modeling score (ipTM) for the most studied members of the RhoA subgroup RhoA, 

RhoB, and RhoC, exhibited a consistently higher value than the 0.8 threshold frequently 

employed to differentiate between true and false positives (Figure 17E). In contrast, 

predictions of interactions with GTPases belonging to more distant Rho family members or 

with the Ras, Rap, and Rab families failed to consistently reach this confidence level. 

To experimentally validate this prediction, a Protein Interfaces, Surfaces and Assemblies (PISA) 

analysis was conducted by Ingrid Vetter (MPI Dortmund). This analysis was designed to 

identify amino acid pairs that are most critical for the interaction between the two proteins. 

The four amino acids predicted by PISA are highly conserved as shown by the sequence 

alignment of ROCK1 and ROCK2 PH domains from different species using a Clustal 2.1 multiple 

sequence alignment (Figure 17D). This suggests that the binding site for Rho at the ROCK1 PH 

domain has played a pivotal role in evolution, indicating that it might also contribute to the 

recruitment of ROCK1 or the related ROCK2 isoform in a variety of other species.  

Subsequently, the corresponding amino acids in the PHC1 domain were substituted to disrupt 

the predicted interaction based on steric and electrostatic properties. Importantly, these 

substitutions were chosen to have a minimal impact on the structure of the PHC1 domain. 

The following substitutions were identified, listed in order according to the anticipated 

inhibitory effect on the interaction: The A1291R, F1174A, L1199A, and E1203K (Figure 17C). 

To optimally investigate their impact, two independent, non-overlapping sets of mutants were 

chosen (mutAPH and mutBPH), as well as a combination of the two (mutCPH). Proteins harboring 

these mutations were investigated for their recruitment to GEF-H1/Rho activity signal 

dynamics at the plasma membrane. 
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Figure 17: Alphafold-based prediction of the complex between active Rho and the ROCK1 PHC1 domain. (A) The predicted 

aligned error (PAE) plot for the PHC1:RhoA complex. (B) AlphaFold2 predicted structure of the PH:RhoA complex (green: RhoA, 

blue: PHC1-tandem domain). (C) Magnified view of the predicted binding interface of the ROCK1 PH domain and RhoA. The 

amino acids predicted to be most critical for the interaction, as determined by Protein Interfaces, Surfaces and Assemblies 

(PISA) analysis, are highlighted. (D) Protein sequence alignment of the ROCK1 PHC1 domain and analogous domains from 

several other species obtained via the Clustal 2.1 multiple sequence alignment web tool.  (E) The Interface Predicted Template 

Modeling (ipTM) score of various GTPases in their GTP-bound state in complex with the ROCK1 PHC1 tandem domain obtained 

via AlphaFold3 predictions. The dashed line represents the 0.8 threshold that typically distinguishes true from false positives. 

Figure adapted from Gierse et al. (2025b). 
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These experiments demonstrated that the two independent sets of mPHC1 domain mutations 

(mutAPH and mutBPH), both by themselves and in combination (mutCPH) lead to a substantial 

decrease in recruitment to GEF-H1/Rho signal dynamics. Quantitative peak analysis 

demonstrated that all three mutants exhibited strongly diminished peak frequency and 

amplitude in comparison to the non-mutated mPHC1-ROCK1 domain, which served as the 

control (Figure 18E-F).  

 

Figure 18: Point-mutations based on the Alphafold-predicted PHC1:Rho complex structure disrupt ROCK1 PHC1 domain 

recruitment to GEF-H1/active Rho dynamics at plasma membrane. (A) Nomenclature for the PH domain mutants. (B) 

Representative TIRF images of cells expressing either mCherry-mutAPH (top), mCherry-mutBPH (middle), or mCherry-mutCPH 

(bottom) together with mCitrine-GEF-H1 C53R. (C) Kymographs corresponding to lines in B. (D) Representative intensity profile 

plots corresponding to the orange rectangles in B. (E-F) Quantitative analysis of mCherry-ROCK1 constructs plasma membrane 
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recruitment dynamics. Error bars represent standard error of the mean (SEM) from 3 independent experiments each. ns: non-

significant, *: p < 0.05, **: p < 0.01, ***: p < 0.001, Dunnett’s multiple comparison test, scale bar = 10 µm, 0.26 µm/pixel. 

Figure adapted from Gierse et al. (2025b). 

The experiments above clearly show that the PHC1 domain is recruited to GEF-H1/Rho activity 

pulses in the cell contraction network and that this recruitment is dependent on individual 

amino acids in the PH domain, that were predicted based on AlphaFold2 to contribute most 

to a PHC1/active Rho complex. However, these observations are based on correlation and 

therefore do not show a causal link between GEF-H1/Rho activity and the PHC1 domain. To 

investigate a potential causal link, the Molecular Activity Painting Method (MAP, see Figure 4 

and methods section 7.5 for a more detailed description) (Chen et al., 2017; Kamps et al., 

2020) was employed again. Initially, it was attempted to induce a direct binding of mPHC1 to 

various Rho molecules: RhoAΔCAAX Q63L, RhoAΔCAAX, RhoCΔCAAX, and RhoA. 

Unfortunately, none of these molecules recruited mPHC1 (data not shown). During the 

troubleshooting process, we identified a potential underlying cause of this issue: the various 

Rho variants were unable to activate the signaling network when they are forced to the plasma 

membrane when bound to eDHFR. In fact, as demonstrated in Figure 19A-C top, the 

recruitment of Rho does not result in the activation of Myosin, showing that the enforced 

plasma membrane enrichment of wild-type or mutant RhoA constructs via this method is not 

sufficient to induce the phenotype of active Rho. A potential reason for this is that enforced 

plasma membrane targeting of these Rho molecules might sterically interfere with their 

normal function, or that the proper interaction of Rho with plasma membrane bound effectors 

might be disrupted. 

Previous research in the lab has demonstrated that the plasma membrane recruitment of the 

Rho activator GEF-H1 C53R leads to the strong and local activation of the cell contraction 

signaling network, by local recruitment and activation of endogenous Rho. Subsequently, this 

also leads to the efficient activation of the Rho downstream target Myosin II (Kamps et al., 

2020; Kowalczyk et al., 2022). As shown in Figure 19A-C (bottom), this effect was confirmed 

again in this thesis, demonstrating that the enforced, local enrichment of GEF-H1 C53R via the 

molecular activity painting method strongly and locally activates Myosin. Furthermore, also in 

agreement with previous studies (Kamps et al., 2020; Kowalczyk et al., 2022), the Myosin 

response was transient, further supporting the idea, that it acts as a negative feedback 

mediator to control GEF-H1/Rho activity. 
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Upon the recruitment of GEF-H1 C53R to the plasma membrane, a similar, local and transient 

increase in the mPHC1-ROCK signal was observed, thereby clearly confirming a causal link 

between mPHC1 plasma membrane recruitment and the cell contraction signal network 

activity (Figure 19D-F, top). Furthermore, analogous experiments with the quadruple (mutCPH) 

mPHC1 mutant did not lead to any detectable local enrichment to local GEF-H1 C53R 

perturbations (Figure 19D-F, middle). Statistical analysis confirms that the recruitment of 

mPHC1 to the induced network activity differs significantly both compared to an empty 

control readout construct as well as compared to the quadruple mutant mPHC1 mutCPH 

(Figure 19H). 

It should also be noted here, that previous studies showed that the Rho activity response to 

sustained GEF-H1 perturbations is transient (Kowalczyk et al., 2022). The reason for these 

transient responses is the negative feedback regulation of the cell contraction signal network, 

which quickly inhibits Rho activity amplification, and is thus also expected to affect Rho 

downstream targets, such as the ROCK PHC1 domain.  
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Figure 19: Light induced rapid activation of the cell contraction signal network leads to plasma membrane recruitment of the 

mPHC1 ROCK1 domain. (A) Representative TIRF images of cells co-expressing either the RhoAQ63L∆CAAX perturbation 

construct (top left, mTurqoise2) or the GEF-H1 C53R perturbation construct (bottom left, mTurqoise2) and non-muscle Myosin 

II heavy chain to measure the response (right, mCherry). (B) Kymographs corresponding to lines in A. (C) Kinetics of mean 

fluorescence signals of all cells measured at the perturbation spot (indicated by orange arrows in A). (D) Representative TIRF 

images of cells that express the GEF-H1 C53R perturbation construct (left, mTurqoise2) and either mPHC1 (top right, mCherry), 

mPHC1 mutCPH (middle right, mCherry), or the empty parental mCherry control construct (bottom right, mCherry). (E) 

Kymographs corresponding to lines in D. (F) Kinetics of mean fluorescence signals of all cells measured at the perturbation 

spot (indicated by orange arrows in D). (H) Quantitative analysis of the mPHC1 and control construct responses 10-30s after 

the onset of light induced GEF-H1 perturbations. Error bars represent standard error of the mean from 3 independent 

experiments each. **: p < 0.01, ***: p < 0.001, Dunnett’s multiple comparison test, scale bar = 10 µm, 0.26 µm/pixel. Figure 

partly adapted from Gierse et al. (2025b). 
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2.2.4 The PH domain and the Rho binding domain in the coiled-coil both 

participate in the recruitment of full-length ROCK1 to cell contraction 

signal network dynamics 

Next, we investigated the relevance of the PHC1 domain for the function of full-length ROCK1. 

First, we introduced the mutCPH point mutations into the PHC1 domain of ROCK1 full-length 

to specifically and selectively inhibit the ability of the PHC1 domain to interact with active Rho. 

We then investigated if these mutations influence dynamic ROCK1 full-length recruitment to 

cell contraction pulses. Figure 20A-C (bottom) demonstrates that ROCK1 full-length mutCPH 

still exhibits pulsatile behavior that correlates closely with GEF-H1 in both space and time. This 

is probably due to the presence of the different, previously characterized Rho binding sites 

(Blumenstein and Ahmadian, 2004; Dvorsky et al., 2004; Tu et al., 2011). Nonetheless, an 

examination of the peak height indicated a tendency in which the recruitment of this mutant 

to GEF-H1 at the plasma membrane was less efficient (p = 0.3791, Figure 20D). Furthermore, 

the more sensitive measurement for signal dynamics based on the local standard deviation of 

fluorescence intensity signals was able to detect significantly diminished temporal 

recruitment dynamics of the ROCK1 full-length mutCPH compared to the non-mutated ROCK1 

full-length (Figure 20E). Taken together, these measurements show that the newly identified 

RhoA binding domain can significantly contribute to ROCK1 plasma membrane recruitment.  

 

 

Figure 20: The intact PHC1 domain is required for efficient recruitment of full-length ROCK1 to cell contraction signal network 

activity dynamics. (A) Representative TIRF images of cells expressing mCitrine-GEF-H1 C53R together with mCherry-ROCK1 

(top) or mCherry-ROCK1 mutCPH (bottom). (B) Kymographs corresponding to lines in A. (C) Representative intensity profile 

plots corresponding to the orange rectangles in A. (D-E) Quantitative analysis of recruitment dynamics to the plasma 
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membrane (pulse height: p=0.379; local standard deviation over time: p=0.0465) of the mCherry-ROCK1 constructs shown in 

A-C. An empty parental mCherry construct was used as a control in panels D-E. ns: non-significant, *: p < 0.05, ****: p < 

0.0001, Dunnett’s multiple comparison test, scale bar = 10 µm, 0.26 µm/pixel. Figure adapted from Gierse et al. (2025b). 

To evaluate the impact of the PHC1 domain for ROCK1 recruitment, we also investigated the 

functional role of the previously identified RBD, which is the best characterized of the 

previously known Rho binding sites on ROCK. The Asn1004Thr and Lys1005Thr mutations 

reported in Leung et al. (1996) were demonstrated to prevent RhoA binding to this RBD 

domain, thereby providing a rationale for utilizing these mutations. 

We first mutated the isolated RBD domain to verify these earlier reports, and indeed, the 

mutated RBD was not recruited to GEF-H1/Rho activity pulses at the plasma membrane. In 

contrast, the non-mutated RBD strongly correlated with GEF-H1/Rho activity pulses (Figure 

21). 

 

Figure 21: Asn1004Thr and Lys1005Thr mutations (RBDmutRBD) within the ROCK1-RBD disrupt its interaction with active Rho. 

(A) Representative TIRF images of cells expressing mCherry-ROCK1 RBD domain (top), mCherry-ROCK1 RBDmutRBD domain 

(bottom) together with mCitrine-GEF-H1 C53R. (B) Kymographs corresponding to lines in A. (C) Representative intensity profile 

plots corresponding to the orange rectangles in A. (D-E) Quantitative analysis of mCherry-ROCK1 constructs plasma 

membrane recruitment dynamics. ns: non-significant, *: p < 0.05, ***: p < 0.001, ****: p < 0.0001, Ordinary one-way ANOVA, 

scale bar = 10 µm, 0.26 µm/pixel. Adapted from Gierse et al. (2025b).  

Introducing these mutations in the ROCK1 full-length protein (Figure 22A-C, middle) led to a 

substantial decrease in its recruitment to GEF-H1 C53R/active Rho pulses. However, plasma 

membrane recruitment of this mutated construct (ROCK1mutRBD) was still detectable, 

showing that the remaining parts of ROCK1 were still able to selectively bind to GEF-H1 

C53R/active Rho pulses. To address this, a full-length ROCK1 mutant was engineered that 

contains both the mutRBD mutations and the mutCPH mutations. As demonstrated in Figure 
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22A-C (bottom), the recruitment of this construct to GEF-H1 C53R/active Rho was almost 

completely ablated, showing that the RBD and the PHC domain synergistically contribute to 

ROCK1 full-length recruitment to cell contraction signal network activity.  

 

Figure 22: The ROCK1 RBD and PHC domains synergistically contribute to the recruitment of full-length ROCK1 to cell 

contraction signal network activity. (A) Representative TIRF images of cells expressing mCherry-ROCK1 (top), mCherry-ROCK1 

mutRBD (middle), or mCherry-ROCK1mutRBDmutCPH (bottom) together with mCitrine-GEF-H1 C53R. (B) Kymographs 

corresponding to lines in A. (C) Representative intensity profile plots corresponding to the orange rectangles in A. (D-E) 

Quantitative analysis of plasma membrane recruitment dynamics of the mCherry-ROCK1 construct shown in A-C. Data in the 

column for full-length ROCK1 recruitment dynamics are identical to data shown in Figure 21. ns: non-significant, *: p < 0.05, 

**: p < 0.01, ****: p < 0.0001, Ordinary one-way ANOVA, scale bar = 10 µm, 0.26 µm/pixel. Figure adapted from Gierse et al. 

(2025b). 

2.2.5 The PHC1 tandem domain is essential for ROCK1 to activate Myosin 

at the cell cortex  

The previous experiments showed that the PHC1 domain contributes significantly to the 

plasma membrane recruitment of ROCK1. This raised the question, which role this domain 

might have in the ability of ROCK1 to transduce Rho activity signals into the activation of 

Myosin. To independently examine the effect of this domain on plasma membrane 

recruitment and on Myosin activation, the Molecular Activity Painting assay was employed 

again (Chen et al., 2017; Kamps et al., 2020). Basically, by enforcing plasma membrane 

targeting of ROCK1 via this method in an autonomous manner, the effect of different ROCK1 

constructs at the plasma membrane on the subsequent Myosin II activation can be measured 
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and compared. Enforcing the plasma membrane targeting of non-mutated, ROCK1 full-length 

via this method led to a substantial increase in Myosin IIa at the plasma membrane. This shows 

that simply increasing the local concentration of ROCK1 at the plasma membrane is sufficient 

to increase local ROCK1 activity towards Myosin II (Figure 23B-D, top). 

Interestingly, enforcing the plasma membrane targeting of the constitutively active, C-

terminally truncated CA-ROCK1 construct did not lead to any noticeable local Myosin II 

activation. This observation provides direct support for the molecular ruler model that was 

previously suggested by Truebestein et al. (2015), which suggested that the full-length coiled-

coil domain, which is largely absent in CA-ROCK1, is essential to bridge the distance between 

Myosin II in the dense cell cortex  and the plasma membrane.   

Next, the significance of the PHC1 domain for localized ROCK1 function at the plasma 

membrane was investigated. As illustrated in Figure 23C-D (middle2), deleting the PHC1 

tandem domain strongly interferes with the ability of ROCK1 to effectively activate Myosin. 

While the recruitment efficiency of ROCK1 and of ROCK1∆PHC1 to the plasma membrane was 

comparable via molecular activity painting, in fact, Myosin activation was nearly abolished in 

response to the ROCK1∆PHC1 mutant. This demonstrates that the PHC1 domain is an important 

and essential component of ROCK1 for its ability to activate Myosin.  

Next, plasma membrane targeting of ROCK1 full-length that harbors the mutCPH mutations 

was enforced to more specifically investigate the role of the PHC1:Rho interaction in the 

activation of Myosin. As ROCK1 is a downstream effector of Rho, it was originally expected 

that these mutations would reduce the efficiency Myosin II activation by ROCK1. However, 

surprisingly, the Myosin response was markedly increased in the presence of these mutations 

(Figure 23B-D, bottom). In fact, despite the comparable recruitment of both the mutated and 

non-mutated forms of ROCK1 full-length, a more than threefold increase in the Myosin IIa 

response was observed in the presence of these mutations (compare Figure 23D top and 

bottom). Furthermore, simple over-expression of ROCK1 full-length mutCPH exhibited a more 

pronounced stimulatory effect on the formation of contractile F-actin structures compared to 

its non-mutated full-length counterpart (Figure 23E). Taking together, these results show that 

both a rapid, local increase in the concentration of ROCK1 mutCPH at the plasma membrane, 

as well as a long-term, global increase of this mutant in the cytosol by simple over-expression, 
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lead to increased Myosin activity, suggesting that the interaction of Rho with the PHC1 domain 

exerts an inhibitory impact on its kinase activity.  

A more detailed analysis of the kinetics of Myosin recruitment after ROCK1 perturbations 

indicated that there is no discernible difference in Myosin activation between ROCK1 and 

ROCK1 mutCPH during the early phase of recruitment (Figure 23F). In contrast, the difference 

induced by the mutations is only seen at later, subsequent timepoints, several minutes after 

the initiation of the perturbation (Figure 23G). Thus, it appears that the inhibitory effect of 

Rho bound to the PHC1 domain on Myosin activation manifests itself only after a significant 

time delay. 

Taken together, these results show that the PHC1 tandem domain is indispensable for the 

transduction of Rho signals for Myosin II activation in cells. Additionally, the interaction of the 

PHC1 tandem domain with active Rho modulates this transduction, exhibiting an inhibitory 

effect on Myosin activation by ROCK that is either considerably slower, or has a temporal delay. 
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Figure 23: The PHC1 tandem domain of ROCK1 is essential for its ability to activate Myosin II. (A) Schematic representation of 

ROCK1 constructs for enforced plasma membrane targeting (C1: phorbol ester/diacylglycerol binding domain, PH: Pleckstrin 

homology domain, RBD: Rho-binding domain, RID: Rho-interacting domain, HR1: homology region 1, eDHFR: E. coli 

dihydrofolate reductase, mTur2: mTurquoise2). B. Representative TIRF images of cells co-expressing mTurquoise2-ROCK1 (top 

left), -CA-ROCK1 (middle1 left), -ROCK1ΔPHC1 (middle2 left), or -ROCK1 mutCPH (bottom left) perturbation constructs, and the 

mCherry-non-muscle Myosin IIa heavy chain readout construct (right). Images either correspond to a timepoint before 

perturbation, or six minutes after the initiation of the light-induced perturbation. Orange arrowheads mark the photo-
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dimerizer uncaging position. (C) Kymographs corresponding to lines in B. (D) Kinetics of the mean fluorescence signals of all 

cells measured at the perturbation spot (indicated by orange arrows in B). (E) Maximal phalloidin intensity measurement in 

fixed cells treated with either ROCK1 (blue), ROCK1 mutCPH (red), or the empty parental mCherry construct as control condition 

(gray). (F-G) Quantitative analysis of the mean response (left) and mean perturbation intensity (right) either 60–80 s (F) or 

5.5–6 min (G) after the induction of the perturbation. Panels B-D middle1 are identical to panels B-D in Figure 11. 3 

independent experiments were performed. * p < 0.05, ** p < 0.01, *** p < 0.001, **** p < 0.0001, Ordinary one-way ANOVA. 

Scale bar = 10 µm, 0.26 µm/pixel. Figure adapted from Gierse et al. (2025b). 

2.2.6 Alphafold predicts a kink in the ROCK1 coiled-coil that enables 

simultaneous binding of 3 Rho molecules at the plasma membrane  

The results described above reveal several layers of control that can act on ROCK1, including 

a novel Rho binding site in the PHC1 domain. This newly identified Rho binding domain plays 

multiple roles, both in the recruitment of ROCK1 to active Rho at the plasma membrane, and 

in the transduction of Rho activity to activate Myosin. To rationalize, how these new findings 

might be related to the “Molecular Ruler” (Truebestein et al., 2015) model, in which ROCK1 is 

proposed to always exist in a fully extended conformation, additional investigations into the 

ROCK1 structure were performed in collaboration with Ingrid Vetter of the MPI Dortmund.  

Strikingly, based on Alphafold2 predictions and well-known repetitive sequence motifs, the 

coiled-coil domain might form a kink directly C-terminal to the RBD (Figure 24A-B). This kink 

would allow for flexibility in the angle of the downstream and upstream coiled-coil structures, 

what enables a conformation in which the upstream coiled-coil can bind one plasma 

membrane-associated Rho molecule via the RBD in addition to one Rho molecule bound to 

each PHC1 tandem domain in the ROCK1 dimer (Figure 25A-C). The resulting model is 

illustrated as a ribbon representation or a representation of the electrostatic surface in Figure 

25A-C. 
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Figure 24: A predicted kink in the coiled-coil domain of ROCK1 enables an extended conformation at the plasma membrane 

in complex with multiple active Rho molecules. (A) Structural model of full-length ROCK1 based on Alphafold2 predictions, 

with a magnified view of a region containing the RBD (Rho binding domain) and the predicted kink in the coiled-coil domain. 

The kink can be attributed to disrupting elements within the amino sequence motif of the repetitive coiled-coil. (B) The amino 

acid sequence of ROCK1 of the coiled coil and kink regions corresponding to amino acids 900-1100. The amino acids are 

indicated by "X" in positions where they point toward the core of the coiled-coil in the Alphafold2 prediction. It is noteworthy 

that the predominant nature of these amino acids is hydrophobic. The sequence 'abcdefg' corresponds to a single canonical 

coiled-coil heptad repeat, while 'abcdabcdefg' corresponds to a single non-canonical hendecad repeat. The numerical values 

of 7 and 11, respectively, indicate the start of each heptad or hendecad repeat. Positions inside the kink regions that are 

highlighted in yellow and accompanied by an exclamation mark ('!') highlight amino acids that, based on the configuration of 

coiled-coil heptad repeats, would be expected to be hydrophobic. However, the Alphafold2 prediction indicates that these 

amino acids are hydrophilic and oriented away from the coiled-coil core. Figure adapted from Gierse et al. (2025b). 

Strikingly, a cluster of positive charges at the kink region of the coiled-coil could stabilize the 

plasma membrane association of the RBD domain in complex with active Rho and thereby 

further stabilize a perpendicular orientation of the coiled-coil domain downstream of the RBD 

(Figure 25A-C). With 3 Rho molecules bound to ROCK1 as shown in Figure 25, the orientation 

of the coiled-coil perpendicular to the plasma membrane could be stabilized so that the 

molecule cannot pivot back and forth. This would stabilize the extended conformation of 

ROCK1 and thereby effectively bridge the distance between plasma membrane bound Rho 

and Myosin at a more distant position within the dense cell cortex. 
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Figure 25: Structural model of the ROCK1 dimer bound to 3 RhoA-GTP molecules. (A) Left: The ribbon representation of the 

ROCK1 dimer is shown together with the RhoA molecules. Right: A rotation by 90° showss the full plasma membrane 

interaction surface and points out the high number of positive charges (blue) in this region (B) Left: In the predicted plasma 

membrane interaction surface, a cluster of positively charged amino is revealed in the electrostatic surface of ROCK1. Rotating 

the protein by 90° reveals the full potential plasma membrane interaction surface and highlights the high number of positive 

charges in this region (left). RhoA molecules depicted in ribbon representation. (C) Left: The ROCK1 dimers electrostatic surface 

is shown together with the electrostatic surface of bound RhoA molecules. Right: Top view of the structure shown on the left. 

Both electrostatic surfaces together show that the membrane bound fraction of this model is highly positive. The plasma 

membrane is indicated in grey and the lipid anchors of all Rho molecules point into the plasma membrane. Figure adapted 

from Gierse et al. (2025b). Predictions and modelling carried out by Ingrid R. Vetter, MPI Dortmund.  
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2.3 Crosstalk between Rho GTPases in the spatio-temporal control of 

the cell contraction signal network 

In addition to the well-established causal link, in which ROCK is activated by RhoA activity, 

additional mechanisms were described that link these two signaling molecules. In the context 

of feedback regulation of the cell contraction signal network, the functional interaction of 

ROCK1 with another member of the Rho GTPase family, called Rnd3 (previously referred to as 

RhoE) was investigated. 

2.3.1 Mutually exclusive activity patterns of RhoA and Rnd3 in the cell 

cortex 

As described in the introduction, Rnd3 is an unconventional member of the Rho GTPase family, 

as it is constitutively bound to GTP and its G domain is thus always in the conformation that 

corresponds to the active, GTP-bound state. Consequently, Rnd3 is not regulated by the 

canonical mechanism that involves GEFs and GAPs. Functionally, Rnd3 is best known for its 

role as a RhoA inhibitor. In particular, over-expression of Rnd3 reduces ROCK1 induced stress 

fiber (SF) formation, decreases Myosin activation and consequently reduces actomyosin 

contractility (Riento et al., 2003; Riento and Ridley, 2006). This inhibitory effect is mediated by 

the recruitment of the Rho inhibiting p190RhoGAP by Rnd3 (Dovas and Couchman, 2005; Riou 

et al., 2010). Conversely, this function of Rnd3 can be inhibited by phosphorylation via ROCK 

(Riento et al., 2003), resulting in binding of the protein 14-3-3 and their translocation from the 

plasma membrane to the cytosol (Riento et al., 2003; Komander et al., 2008; Riou et al., 2010; 

Riou et al., 2013). Together, these two causal links constitute a positive feedback loop via 

mutual inhibition, which has the potential to act as a toggle switch (see also Figure 1C). Thus, 

this regulatory link has the potential to significantly influence the dynamics of the pulsatory 

cell contraction signal network. 

To investigate, if the activity of Rnd3 is associated with cell contraction pulses, fluorescently 

labelled Rnd3 and a Rhotekin-based Rho activity sensor were co-expressed in U2OS cells 

(Figure 26C). Strikingly, cell contraction signal network activity pulses exhibited a clear 

anticorrelation between Rnd3 plasma membrane recruitment and Rho activity (Figure 26C, E), 

which supports the idea that Rnd3 and Rho mutually inhibit each other in the cell contraction 
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signaling network. Interestingly, we did not observe a substantial change in signal network 

dynamics even if Rnd3 was expressed at high levels downstream of the strong CMV promoter, 

indicating that the effect of Rnd3 on cell contraction signal network dynamics is already 

saturated at its endogenous expression level (Figure 26D). 

To more specifically investigate the inhibitory effect of ROCK1 on Rnd3 in the cell contraction 

signal network, we introduced point mutations in the Rnd3 binding site of ROCK1 (S288R, 

N292D) (Figure 26A). According to previous work (Komander et al., 2008), these mutations 

disrupt the Rnd3:ROCK1 interaction and prevent the phosphorylation of Rnd3 by ROCK1. 

Notably, GEF-H1/Rho dynamics in cells that were transfected with the Rnd3 binding deficient 

ROCK1 (S288R, N292D) mutant were much higher compared to cells transfected with ROCK1 

wild type (Figure 26E-H). Thus, in comparison to the wild-type ROCK1 full-length construct, 

which substantially inhibited cell contraction dynamics, a comparable level of ROCK1 (S288R, 

N292D) expression did not show this effect. This suggests that the inhibition of cell contraction 

dynamics by ROCK1 wildtype is – at least partly – dependent on its interaction with Rnd3. 
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Figure 26: Inhibiting the ROCK1:Rnd3 interaction partially rescues the effect of ROCK1 over-expression on cell contraction 

signal network dynamics. (A) Schematic representation of ROCK1 wild type and Rnd3 binding deficient mutant ROCK1∆Rnd3 

(Ser288Arg & Asn292Asp (Komander et al., 2008)). (B-C) Representative TIRF images (top), corresponding kymographs 

(middle) and intensity profiles (bottom) of Rho activity sensor dynamics in control (B) and Rnd3 (C) expressing cells. (D) 

Quantitative analysis of plasma membrane recruitment dynamics with and without Rnd3 over-expression. (E) Temporal cross-

correlation functions for Rnd3 plasma membrane localization and Rho activity signals. (F-H) Representative TIRF images (top), 

corresponding kymographs (middle) and intensity profiles (bottom) of Rho activity sensor dynamics in control (F), ROCK1 (G) 

and ROCK1∆Rnd3 (H) expressing cells. (I) Quantitative analysis of plasma membrane recruitment dynamics of GEF-H1 C53R 

in the presence of the indicated ROCK1 constructs. (J) Temporal cross-correlation functions for ROCK1 and GEF-H1 C53R 

plasma membrane localization signals. Error bars represent standard error of the mean from 3 independent experiments 

each. **: p < 0.01, ***: p < 0.001, ****: p < 0.0001, ns: non-significant, unpaired t-test (D) and Dunnett’s multiple comparison 

test (I), scale bar = 10 µm, 0.26 µm/pixel. Cells in B-D were treated with 30 µM nocodazole. 

This observation raised the question whether the even stronger, inhibitory effect of CA-ROCK1 

on cell contraction dynamics, shown in Figure 9D, was also dependent on Rnd3 or only an 

effect of constitutive Myosin II activation as suggested in Section 2.1. To test this, a Rnd3 

binding deficient CA-ROCK1 construct was generated2

3 and its effect on GEF-H1 stimulated cell 

contraction dynamics was measured. As shown in Figure 27, the interaction of ROCK1 with 

Rnd3 does not have a substantial impact on the effect of CA-ROCK1 on signal network 

dynamics. Thus, the ROCK1:Rnd3 interaction only appears to have an effect in the presence 

of the normal mechanisms that regulate ROCK1 activity via its C-terminal domain.  

 

Figure 27: The inhibitory effect of CA-ROCK1 on cell contraction signal network dynamics is not dependent on its interaction 

with Rnd3. The quantitative analysis of plasma membrane recruitment dynamics of GEF-H1 C53R in the presence of the 

indicated ROCK1 constructs is shown. An empty parental mCherry construct was used as a control. The signal network 

dynamics were stimulated by adding 30 µM of nocodazole (n=3 independent experiments). **: p < 0.01, ***: p < 0.001, ****: 

p < 0.0001, Ordinary one-way ANOVA.  

 
3 These investigations were performed under my supervision by Bachelor student Jennifer Hanemann 
(Thesis year 2023)  
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3 Discussion  

3.1 Myosin and not Actin acts as the negative feedback mediator in 

the cell contraction signaling network  

In this work, several lines of evidence support the idea that Myosin and not Actin mediates 

negative feedback regulation in the cell contraction signaling network. First, this evidence is 

based on the combination of simulations and experiments that confirm that either an 

inhibition or a constitutive activation of the Rho effector kinase ROCK leads to an inhibition of 

dynamics in the cell contraction signal network. Specifically, in simulations, a gradual 

inhibition of ROCK1 by a stepwise reduction of the link between Rho activity and Myosin 

activation results in a corresponding gradual reduction of Rho activity dynamics (Figure 8D-E). 

Similarly, in experiments, a relatively broad concentration range of the pharmacological 

ROCK1 inhibitor Y27632 reduced analogous measures of Rho activity dynamics (Graessl et al., 

2017). Furthermore, even a very small amount of constitutive, Rho-independent Myosin 

activation abolished Rho dynamics in simulations, and analogous experiments showed that 

the constitutively active CA-ROCK1 construct strongly suppressed these dynamics (Figure 9C-

D). This shows that ROCK1 and/or its downstream effector Myosin are critical to generate Rho 

activity dynamics in adherent, mammalian cells.  In other systems, such as C. elegans embryos, 

knockdown of Myosin-II only suppressed Myosin dynamics without affecting Rho activity 

dynamics (Nishikawa et al., 2017), showing that cell contraction pulses in adherent, 

mammalian cells and in C. elegans embryos operate via distinct molecular mechanisms.  

Interestingly, in some cells that express CA-ROCK1, Rho activity dynamics were not eliminated 

everywhere. Instead, activity dynamics were specifically inhibited near the center of the cell 

attachment area and some residual signal dynamics were retained near the cell periphery 

(Figure 10E-G). This effect can be explained by the highly local accumulation of Myosin II next 

to the nucleus, which was accompanied by a depletion of Myosin II away from the cell 

periphery by a strong centripetal flow. Thus, based on the logic of Myosin-II acting as a Rho 

inhibitor, Rho activity dynamics would only be possible in the cell periphery. This feature of 

Rho independent Myosin activation might be relevant for some striking differences in the 

morphodynamics of distinct cell types.  
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Cell migration was shown previously to be affected by spatial organization of cell contraction. 

Peripheral contraction was shown to have a positive effect on migration speed and 

directionality, and central contraction a negative effect (Totsukawa et al., 2004). In that study, 

this spatially differential control of cell contraction, central vs peripheral, was linked to distinct 

upstream kinases, ROCK vs MLCK, respectively (Totsukawa et al., 2004). The current work in 

this thesis suggests that the ROCK kinase alone might be sufficient to differentially affect 

Myosin activation. As discussed in the previous paragraph, depending on how ROCK is 

activated, it can induce central or peripheral Myosin phosphorylation. Rho-dependent ROCK 

activation stimulates both central and peripheral Myosin activation while Rho-independent 

activation stimulates predominantly central Myosin activation. The balance of Rho-dependent 

and Rho-independent ROCK activating might thus play a role in tuning spatial cell contraction 

and thereby migration speed and directionality. 

ROCK is best known to be activated by Rho, but some studies also suggested alternative 

activation mechanisms. Caspase-triggered activation is thought to lead to constitutive 

activation of ROCK (Coleman et al., 2001; Gabet et al., 2011; Özdemir et al., 2021). Indeed, in 

Coleman et al. (2001), accumulation of F-actin structures close to the nucleus, that were 

similar to those observed in this thesis, were observed before apoptosis. Notably, recent 

research demonstrates that caspases do not only act in apoptosis, but do also have 

unconventional roles in cell differentiation, proliferation and invasion (Abdelghany et al., 

2024). For example, the cleavage of the C-terminal domain of ROCK1 is also involved in cell 

differentiation (Gabet et al., 2011) and interestingly, it has been shown that caspase-3 is 

involved in promoting migration and invasion in melanoma cells (Liu et al., 2013). Therefore, 

a less pronounced, small level of constitutively active ROCK could also play a role in other 

cellular processes since it is not only present in apoptotic cells. For instance, the caspase 

activated ROCK could affect the balance between peripheral and central contraction during 

cell migration.  

The results obtained in this thesis clearly support the idea, that Myosin II acts either directly 

or indirectly as an inhibitor of Rho activity. However, on the one hand, cells could adapt to the 

long-term expression of constitutively active CA-ROCK1, and on the other hand, the 

pharmacological treatments could have toxic side effects and thus might lack specificity. To 

address these problems, rapid ROCK1 perturbations were performed in U2OS cells (Figure 13) 
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using light-induced recruitment of full-length ROCK1 to the plasma membrane. These 

perturbations were very fast and resulted in a strong Myosin II recruitment response within a 

few minutes. The recruited Myosin II was characterized by a strong flow indicating efficient 

stimulation of Myosin motor activity (movie Figure4G-H in Gierse et al. (2025a)). Furthermore, 

these perturbations were very specific and not expected to have toxic side-effects, as they 

were based on a positive perturbation, i.e. stimulation of activity, rather than a negative 

perturbation such as inhibition via pharmacological substances. The strong, rapid activation 

of Myosin that was stimulated by the plasma membrane recruitment of ROCK1 lead to a 

significant reduction both of Rho activity dynamics and of Rho baseline activity. 

Measurements of the actin response to rapid ROCK1 perturbations revealed that this 

actomyosin component is not increased but rather reduced upon plasma membrane 

recruitment of ROCK1. Taking together, this shows that the inhibition of Rho activity 

downstream of ROCK1 can only be explained by a Myosin-mediated and not by an actin-

mediated mechanism.  

As ROCK1 is a well-established activator of the actin nucleating formin FHOD1, it was initially 

unexpected that actin abundance at the plasma membrane was decreased upon ROCK1 

activation (Gasteier et al., 2003). Formins are well-known for their ability to both nucleate 

actin filaments, and for staying attached to the newly nucleated barbed end, where they can 

subsequently regulate filament elongation. Depending on the formin family member, these 

molecules act either as slow, intermediate or fast elongators (Oosterheert et al., 2024). 

Specifically, FHOD1 is known to be a very slow elongator (Schönichen et al., 2013), in particular 

in comparison to other formins, such as mDia1 (Romero et al., 2004; Antoku et al., 2023). 

mDia1 and FHOD1 also differ in the way they are activated: mDia1 is directly activated by Rho 

and FHOD1 is activated by the Rho effector ROCK1. Thus, plasma membrane recruitment of 

ROCK1 would be expected to only activate FHOD1 and not mDia1. This could therefore lead 

to a competition between these molecules to bind to actin filament barbed ends, resulting in 

a reduction of the fast-elongating formins like mDia1 that would get replaced by slow-

elongating formins like FHOD1. In addition, FHOD1 also functions as a highly efficient actin 

filament crosslinker (Schönichen et al., 2013; Antoku et al., 2023). This might further 

contribute to the loss of actin upon ROCK1 activation, as the action of Myosin on highly 

crosslinked actin filaments results in their breakage and destabilization (Murrell and Gardel, 
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2012; Vogel et al., 2013; Vemula et al., 2021). Furthermore, isoform specific effects of ROCK1 

and ROCK2 on F-actin were described previously (Newell-Litwa et al., 2015). ROCK2 was 

shown to stabilize the actin cytoskeleton via an inhibitory phosphorylation of cofilin, while 

ROCK1 does not have this effect (Newell-Litwa et al., 2015). Thus, the lack of actin stabilization 

downstream of ROCK1 might also contribute to the observation that forced plasma membrane 

recruitment of this molecule does not lead to an actin increase at the plasma membrane. It 

would therefore be interesting for future studies to perform analogous experiments with 

ROCK2 to investigate its effect on actin.  

Taken together, previous studies and results presented in this thesis clearly show that Myosin 

acts both downstream and upstream of Rho activity in adherent, mammalian cells. Myosin is 

clearly activated downstream of Rho, however, this activation occurs with a significant 

temporal delay. Once activated, Myosin also acts upstream and inhibits Rho activity. Together, 

this closes a negative feedback loop that regulates cell contraction signal network dynamics. 

The exact mechanism of how Myosin inhibits Rho activity is still unclear and requires further 

research. One potential mechanism could be mediated by a direct interaction of Myosin with 

the DH domain of GEF-H1 (Lee et al., 2010), which was previously suggested to compete with 

the ability of this domain to activate Rho. This would disrupt the positive feedback loop 

between GEF-H1 and Rho, eventually leading to the inactivation of Rho activity. Another 

potential explanation is the direct association of RhoGAPs with Myosin. However, the identity 

of such molecules is unclear in the U2OS cell system. 

Our observation that Myosin II functions as a negative feedback mediator is particularly 

noteworthy, as it demonstrates that adherent mammalian cells employ a distinct molecular 

mechanism to induce cell contraction pulses compared to Starfish or Xenopus oocytes, or C. 

elegans embryos. While these systems generate activity patterns with notable similarities, 

including oscillations, pulses, and propagating waves, it is important to note that several 

specific features exhibit significant distinctions. For instance, adherent mammalian cells 

employ Lbc-type RhoGEFs, such as LARG or GEF-H1, as positive feedback mediators. In 

contrast, oocytes depend on the non-Lbc type GEF Ect2, which differs in its activation 

mechanism, and how it can amplify Rho via positive feedback. In addition, the duration of 

signal network activity pulses is substantially prolonged for the Myosin-dependent 

mechanism in adherent mammalian cells (approximately 4 minutes (Kamps et al., 2020)) , in 
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comparison to the Myosin-independent mechanisms in other systems (C. elegans embryos: 

period approximately 0.5 minutes (Nishikawa et al., 2017); Xenopus oocytes: period 

approximately 1.5 minutes (Michaud et al., 2022); starfish oocytes: period approximately 1.2 

minutes (Bement et al., 2015)). Interestingly, the enforcement of an alternative, actin-

dependent negative feedback mechanism in U2OS cells by the expression of the F-actin-

associated RhoGAP Myo9b results in significantly shorter signal network activity pulses 

(period approximately 0.5 min (Graessl et al., 2017)). This is analogous to the pulse periods 

observed in C. elegans, Xenopus, and starfish. These discrepancies in pulse frequency for 

actin- or Myosin-dependent negative feedback mechanisms are presumably attributable to 

the varying recruitment kinetics of actin vs Myosin II downstream of Rho activity, which exhibit 

substantial disparities in adherent mammalian cells (Myosin II: approximately 40s; Actin: 

approximately 11s (Graessl et al., 2017)). 

3.2 Mutual inhibition between Rho and Rnd3 reduces cell contraction 

signal network dynamics 

The presented investigations into negative feedback regulation of cell contraction revealed 

unexpected differences between the phenotypes induced by over-expression of ROCK1 full-

length compared to constitutively active CA-ROCK1. Over-expression of either of these 

proteins is expected to increase the ROCK1 activity, and based on the SDE simulations, this is 

expected to reduce cell contraction signal network dynamics. Furthermore, based on previous 

studies, CA-ROCK1 is expected to have a higher activity compared to full-length ROCK1 

(Ishizaki et al., 1997), however, it was less effective in inhibiting cell contraction signal network 

dynamics. This was very surprising, in particular, as our observations support the idea that on 

long timescales, CA-ROCK1 has higher activity vs full-length ROCK1 (compare Figure 9F to 

Figure 23E). These distinct effects could be due to additional interactions of ROCK1 with the 

unconventional Rho GTPase Rnd3 as summarized in Figure 28.  

Figure 28A illustrates the network topology that was originally proposed by Graessl et al. 

(2017) and Kamps et al. (2020), and which is now well-supported by the clear demonstration 

that Myosin mediates negative feedback. This signaling network is sufficient to explain the 

basic oscillatory and pulsatile system dynamics that were already observed in previous 

studies. In the context of this thesis, CA-ROCK1 was integrated as a Rho-independent Myosin 
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II activator into this scheme (Figure 28B). The simple expectation that a stronger activation of 

Myosin by CA-ROCK1 should strengthen inhibitory signaling and weaken signal network 

dynamics was confirmed by corresponding SDE simulations (Figure 9). More precisely, it was 

concluded that the constitutive over-activation of Myosin II saturates the negative feedback, 

thereby inhibiting signaling dynamics. It was surprising that over-expression of wildtype 

ROCK1 has an even stronger effect on dynamics (Figure 26), while it has a weaker effect on 

Myosin. Results in this thesis suggest that this can be explained by the functional interaction 

between ROCK1 and Rnd3.  

First, overexpressing the Rnd3-binding deficient ROCK1 construct, ROCK1∆Rnd3, does elicit 

less inhibitory effect compared to over-expression of ROCK1 wild type (Figure 28C), showing 

that Rnd3 is essential for the inhibitory action of full-length ROCK1. This Rnd3-binding 

deficient ROCK1 construct is identical to full-length ROCK1, except for its inability to bind, 

phosphorylate and thereby inhibit Rnd3. Second, this ability of ROCK1 to inhibit Rnd3 is a 

critical feature of the mutual inhibition between Rho and Rnd3, which leads to bistable 

dynamics and mutual exclusive activation of either molecule (Figure 26C). Over-expression of 

wild-type ROCK1 would strengthen the inhibition of Rnd3, thereby changing the balance 

between Rho and Rnd3 activity (Figure 26D). This would be expected to at least transiently 

trap the system in the state of high Rho/ROCK and low Rnd3, and thereby inhibit dynamic, 

oscillatory dynamics (Figure 28D).  

In conclusion, the inhibitory effect of ROCK1 full-length over-expression on the cell contraction 

network pulses in adherend U2OS cells is partly dependent on the activation of Myosin by 

ROCK1 and the inhibition of Rnd3 by ROCK1. The latter demonstrates that the Rho activity 

within the cell contraction signaling network is balanced via a toggle-switch network with 

Rnd3. 
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Figure 28: Schematic representations of the core cell contraction signal network topology and its extension with additional 

components introduced in this thesis. (A) The core cell contraction signaling network topology as proposed by Graessl et al. 

(2017), with the addition of full-length, wild-type ROCK1 as a link between Rho and Myosin activities. (B) Proposed changes 

in signaling upon activation of Myosin II by CA-ROCK1 (non-feedback Myosin II activation). The over-activation of Myosin II 

leads to increased inhibition of GEF-H1 by Myosin, which is expected to inhibit network dynamics. (C-D) Proposed changes in 

signaling upon over-expression of a Rnd3 binding deficient mutant (C) or wild-type ROCK1 (D). Mutual inhibition between Rho 

and Rnd3 is expected to be strengthened by wild-type ROCK1, which is expected to reduce signal network dynamics (D), by 

locking the system in a high Rho, low Rnd3 state. In contrast, a Rnd3 binding deficient ROCK1 mutant cannot participate in 

mutual inhibition and therefore has a weaker effect. Apparently, by itself, the relatively weak ability of wild-type ROCK1 to 

activate Myosin does not have a strong effect on signal network dynamics in the absence of mutual inhibition between Rho 

and Rnd3.  

3.3 Rapid and robust perturbation of signal network activities at the 

plasma membrane via Cell-Attachment area Molecular Activity 

Painting (CA-MAP) 

In addition to these insights into the biology of cell contraction signaling, the development of 

the new Molecular Activity Painting variant that acts on the entire cell attachment area might 

also be useful for other future studies. In previous work, Molecular Activity Painting was used 

together with immobilized artificial receptors to recruit a signaling molecule of interest into a 

stable line or point-like perturbation pattern at the plasma membrane (Chen et al., 2017; 

Kamps et al., 2020; Kowalczyk et al., 2022). Alternatively, a simplified variant that is based on 

diffusible membrane anchors, or non-immobilized artificial receptors was used to introduce 

transient, point-like perturbations at the plasma membrane (Chen et al., 2017; Kamps et al., 

2020; Kowalczyk et al., 2022). Here, another simplified variant based on non-immobilized 

artificial receptors was developed, in which the entire cell attachment area was illuminated 
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using the evanescent wave of a TIRF microscope, to recruit a signaling molecule of interest 

into this much larger area of the cell. This enables very fast and very efficient recruitment and 

a corresponding, very robust cell response. Thus, this variant will be very useful for other 

research questions, in which spatial precision is less important than robust and efficient 

perturbation strength.  

Furthermore, inducing perturbations in the entire cell attachment area has several advantages 

compared to alternative methods, such as the recruitment of proteins to the entire plasma 

membrane via chemically-induced dimerization (Spencer et al., 1993; Liu et al., 2014; Nanda 

et al., 2023). By limiting the recruitment to the cell attachment area, only those areas, for 

which the response can be easily monitored via TIRF microscopy are targeted. Considering the 

resulting functional response, this can increase the local effect and reduce the overall effect 

on the whole cell. Consequently, the potential stress experienced by the cell can also be 

reduced. Furthermore, this novel variant offers a significant practical advantage over 

chemically-induced dimerization: It is not necessary to add the small molecule dimerizer 

during measurements on the microscope stage. Instead, the photochemical dimerizer is 

incubated prior to measurements, and then selectively activated only within the measured 

field of view. This enables multiple, independent, sequential measurements of perturbation-

response kinetics in different fields of view in a single sample.  

Here, this new method was used to robustly activate Myosin II downstream of ROCK1. Usually, 

Myosin is activated together with actin polymerization to generate typical non-muscle 

actomyosin structures. This can indeed be seen in the studies from Graessl et al. (2017), in 

which Myosin II and actin were found to be co-recruited to spontaneous Rho activity pulses. 

Rho is indeed well-known to stimulate actin polymerization via formins such as mDia1, in 

parallel to Myosin activation via ROCK. As discussed in more detail in section 3.1, the rapid, 

light-induced recruitment of ROCK1 to the plasma membrane activates Myosin highly 

selectively without co-stimulating actin polymerization. In fact, the observation that actin is 

even reduced after ROCK1 activation offers a unique tool to study the function of non-muscle 

Myosin II independent of total actin amounts and thus enables functional dissection of Myosin 

vs actin dependent processes within cells.  
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3.4 Multiple binding sites contribute to the interaction between 

ROCK1 and active Rho 

The investigations of negative feedback regulation of cell contraction revealed significant 

novel insights into the mechanism by which ROCK transduces signals from Rho to activate 

Myosin.  

First, the substantial local enrichment of ROCK at cell contraction pulses and the robust local 

stimulation of Myosin after local enrichment of ROCK1 at the plasma membrane 

unequivocally demonstrate that the translocation of this molecule to the plasma membrane 

constitutes a pivotal prerequisite for the local control of cell contraction. In essence, to 

transduce Rho activity to activate Myosin, ROCK1 first needs to be recruited to active Rho at 

the plasma membrane.  

Previous studies revealed several sequences in ROCK1 that can bind to active Rho. This 

includes the HR1 (Homology Region 1), RID (Rho-interacting domain), and RBD (Rho-binding 

domain). While the HR1 and RID regions were only identified via sequence similarity searches 

and only reported in a single study (Blumenstein and Ahmadian, 2004), the RBD region is well-

established and was studied in detail both in vitro and in cellulo (Fujisawa et al., 1996; Dvorsky 

et al., 2004). Since its initial identification, many studies indicated that the RBD region is a 

RhoA specific GTPase-binding domain (GBD) that selectively interacts with the active form of 

RhoA and that it is somehow able to increase the activity of the ROCK kinase domain (Amano 

et al., 1997). Furthermore, several studies support an important functional role for the RBD 

region (Ishizaki et al., 1996; Pinner and Sahai, 2008; Munjal et al., 2015; Sidor et al., 2020). In 

particular, studies of the ROCK ortholog Rok in Drosophila melanogaster showed that its RBD 

participates in plasma membrane recruitment (Munjal et al., 2015, Sidor et al., 2020). 

Specifically, Rok localization to the plasma membrane of the salivary gland placode was found 

to be dependent on the RBD (Sidor et al., 2020). Furthermore, in the plasma membrane of 

vertical junctions during germ band extension, Rok was enriched in a pulsatile manner that 

correlated with local Rho activity, and this enrichment was partially dependent on the RBD 

(Munjal et al., 2015).  

In contrast to these studies that underlined the importance of the RBD region, Truebestein et 

al. (2015) have questioned its functional significance. In fact, these authors could not detect 
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any interaction between RhoA and the ROCK1 or ROCK2 RBDs. Furthermore, Truebestein et 

al. also were unable to detect binding of full-length ROCK2 to RhoA. It is important to note 

that the experiments of Truebestein et al. (2015) were not performed in cellulo but instead in 

vitro with purified proteins. It is therefore possible that posttranslational modifications in the 

Rho GBDs or additional proteins or cellular factors are required to enable the interaction 

between RhoA and ROCK.  

In this thesis, a new binding site for active Rho was identified in the C-terminal PHC1 domain 

(Figure 16). In previous studies, the PHC1 domain was only thought to bind unspecifically to 

the plasma membrane by a cluster of positively charged amino acids (Wen et al., 2008). In 

contrast, the present results clearly demonstrate that this binding of the PHC1 tandem domain 

to the membrane is dependent on Rho activity. Furthermore, in combination with the 

AlphaFold predictions of the PHC1:Rho complex and AlphaFold-guided mutagenesis, very 

strong evidence is provided that the mPHC1 domain directly and specifically interacts with 

active Rho (Figure 16, Figure 17, and Figure 18).  

In principle, any of the Rho binding sites on ROCK1, including the PHC1 domain or any of the 

previously known regions in the coiled-coil, could recruit ROCK1 to Rho activity at the plasma 

membrane. Detailed analysis based on point mutants provided in this thesis shows that the 

Rho binding sites in the RBD and in the PHC1 domains contribute most, if not all the 

recruitment of ROCK to active Rho at the plasma membrane. While introducing four point 

mutations into the mPHC1 domain (mutCPH)  or two point mutations into the RBD (mutRBD) 

significantly decreased ROCK1 targeting to pulses of Rho activity (Figure 20), co-recruitment 

was still clearly detectable. Only the combination of both point mutation sets (mutRBDmutCPH) 

was sufficient to nearly completely abolish recruitment of ROCK1 to pulses of Rho activity 

(Figure 22).  

The residual, very weak plasma membrane recruitment of the combined ROCK1 

mutRBDmutCPH mutant could be explained either by the presence of the other two identified 

Rho GBDs within the coiled-coil domain, by incomplete disruption of the RBD and/or PHC1 

domain Rho interactions, or by the heterodimerization of the ROCK1 mutRBDmutCPH mutant 

with endogenous ROCK1 molecules. In any case, this residual recruitment is very weak. In fact, 

the standard deviation measurements of the ROCK1 double mutant are only 6% higher than 

the corresponding measurements of a negative control construct after normalization to 
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ROCK1 full-length. These observations are also in agreement with studies in Drosophila, which 

showed that the removal of either the PH domain or of the RBD of Rok decreased the overall 

membrane accumulation, and that both domains are essential for correct subcellular 

localization of Rok (Sidor et al., 2020).  

The new Rho binding activity of the PHC1 domain can also provide a better understanding of 

previous studies. As mentioned above, during Drosophila germ band extension, Munjal et al. 

(2015) observed only a partial loss (approx. 50%) of pulsatile Rok recruitment to the plasma 

membrane after RBD removal. The authors proposed that the residual pulsatile behavior of 

Rok could be explained by advective flows powered by Myosin activity. The new findings 

presented in this thesis offer an alternative explanation: the loss of the RBD only leads to a 

partial reduction of plasma membrane recruitment, as Rok is still able to bind active Rho via 

the PHC1 domain. This alternative explanation is not purely based on speculation or 

hypothetical models, but instead supported by the observations shown in this thesis for 

mammalian cells, and the conservation of the critical Rho interacting amino acids in the PHC1 

domain between human and Drosophila melanogaster (Figure 17D).  

Taken together, the identification of multiple important Rho binding sites in ROCK fills an 

important gap in our knowledge about the function of this critical signal molecule. 

Nevertheless, the controversies between cell biological and biochemical studies suggest that 

the mechanism of ROCK1 activation is highly complex.     

3.5 The role of the PHC1 domain and of the RBD region for ROCK1 

function  

Interestingly, the investigations reported in this thesis show that simply recruiting ROCK1 to 

the plasma membrane is not sufficient to activate Myosin. This was already previously 

proposed by Truebestein et al. (2015), who suggested that ROCK is always present in a fully 

extended conformation at the plasma membrane and that the PHC1 tandem domain binds 

the plasma membrane. Their so called “Molecular ruler hypothesis” proposes that in this fully 

extended ROCK, the coiled-coil region acts as a spacer to position the kinase domain 

approximately 120 nm away from the plasma membrane. In this conformation, the N-terminal 

kinase domain is capable of accessing the desired Myosin for activation through the cell 

cortex. However, this novel hypothesis gave rise to the question of how ROCK1 is regulated by 
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Rho, given that the previously identified GBDs within ROCK’s coiled-coil domain are positioned 

too far away from the membrane for Rho to reach them (Figure 29A).  

The novel GBD within the PHC1 domain of ROCK1 has the potential to resolve this issue, as 

Rho can readily access it. In addition, the “Molecular ruler hypothesis” is also supported by 

the Myosin response to rapid, light-induced plasma membrane recruitment of ROCK1 

constructs with differences in the length of their central coiled-coil domain. ROCK1 full-length 

recruitment strongly activates Myosin II at the perturbation site. In contrast, the much shorter 

CA-ROCK, consisting only of the kinase domain and a small region of the coiled-coil domain, 

was not able to recruit or activate Myosin II at the perturbation site (Figure 23B-D, top and 

middle1). This finding thus substantiates the hypothesis that the length of ROCK1 is 

indispensable for the activation of Myosin.  

The presence of a Rho binding domain in the PHC1 domain raises the question of which role 

the additional RBD within the coiled coil region might play. In the fully extended ROCK 

conformation, this RBD would not be able to reach active Rho in the plasma membrane, 

however, if the coiled-coil forms a flexible kink C-terminal to the RBD as predicted by 

AlphaFold2 (Figure 24), the RBD could indeed play an additional role in plasma membrane 

targeting and positioning of ROCK. This kink allows the otherwise rigid coiled-coil to undergo 

bending, thereby enabling the RBD region to be close to the plasma membrane. Furthermore, 

the kink also allows the interaction of ROCK with Rho in its natural, lipid-anchored orientation 

at the plasma membrane, which would otherwise not be possible for steric reasons (Figure 

25).  

Vice versa, the presence of the RBD within the coiled coil region raises the question, which 

role the additional RBD within the PHC1 domain might play. Interestingly, while enforced 

plasma membrane targeting of ROCK1 wild type induced a strong Myosin response (Figure 

23), this effect was completely dependent on the presence of the  PHC1 domain (Figure 23). 

This finding suggests that the PHC1 domain plays a critical role in the process of ROCK1-

mediated activation of Myosin II. However, while the domain itself was essential for activating 

Myosin, its interaction with Rho had the opposite effect. Mutations that prevent Rho binding 

to mPHC1 paradoxically strengthened Myosin activation. Thus, RhoA binding to mPHC1 

appears to inhibit localized kinase activity at the plasma membrane and suggests that the 

interaction of Rho with the C-terminus of ROCK somehow affects the ability of the very distant 
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N-terminal kinase to activate Myosin. This was a very surprising observation that could 

conceivably be explained by one of the following mechanisms: 

(a) Via a conformational change at the C-terminus that is induced by Rho binding and 

transmitted through the coiled-coil domain to modulate the activity of the N-terminal kinase. 

This behavior has already been observed in dyneins, where sliding of the two helices that 

originates from a conformational change at one end of a coiled-coil can cause a 

conformational change at other end of the coiled-coil, resulting in altered affinity to 

microtubules (Truebestein and Leonard, 2016). 

(b) Classical studies of ROCK regulation, suggested an autoinhibitory mechanism, in which the 

PHC1 domain acts in a dominant-negative fashion by interacting with and inhibiting the N-

terminal kinase domain (see section 1.4.1). Based on this model, an interaction of the RBD, of 

the PHC1 domain, or both with the plasma membrane or Rho was proposed to release this 

inhibition, freeing the kinase domain and leading to Myosin activation. Notably, in this thesis, 

no inhibitory effect on cell contraction network activity was detected when various variants 

of the PHC1 tandem domain were overexpressed in cells, showing that this domain does not 

act in a dominant negative fashion as proposed earlier (Figure 15 and Figure 16). However, 

intramolecular interactions are often preferred compared to intermolecular interactions due 

to the high local proximity of the binding partners within the same molecule. Therefore, the 

observations presented in this thesis do not entirely rule out an autoinhibitory component in 

the regulation of ROCK1. Such an autoinhibitory interaction could be affected by the 

interaction between Rho and the PHC1 and/or RBD domains and might thereby affect the 

activity of the distant N-terminal kinase domain.  

(c) Via a complex that includes several Rho molecules at the plasma membrane that regulate 

the plasma membrane binding of ROCK1. This idea is developed in more detail in the following 

section that lays out a potential mechanism that extends the original “molecular ruler 

hypothesis” of Truebestein et al. (2015). 

3.6 The “stabilized molecular ruler hypothesis” for ROCK1 function  

The new insights about the Rho interaction sites identified in this study form the basis for the 

following model (Figure 29):  
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ROCK1 recruitment by Rho can occur via two different Rho binding sites within ROCK1: the 

previously known RBD within the coiled-coil and/or the novel binding site within the PHC1 

tandem domain that was identified in this thesis. The binding of Rho to the RBD could be 

facilitated through a kink region identified via AlphaFold, that enables bending of the coiled-

coil and an interaction between plasma membrane bound Rho and the RBD. The simultaneous 

binding of the two PHC1 domains to two Rho molecules at the plasma membrane, combined 

with the binding of a Rho molecule to the RBD, could enable a stable and perpendicular 

orientation of the coiled-coil domain at the plasma membrane. Presumably, other proteins 

such as Shroom proteins (Zalewski et al., 2016) could support the correct positioning of 

ROCK1. In the fully extended conformation, the active kinase domain can reach through the 

cell cortex to activate non-muscle Myosin II (Salmerón-Sánchez and Dalby, 2016). Other 

effector proteins within the cell cortex can also be reached by ROCK1. 

A mechanism based on interactions of multiple Rho molecules with ROCK at the plasma 

membrane could also explain how information from interactions between the PHC1 domain 

and active Rho could be transmitted to the distant N-terminal kinase domain. This 

transmission could be realized by the modulation of the perpendicular orientation of ROCK. 

Based on this model, the interaction between the RBD and Rho in the plasma membrane 

would be most important to stabilize such a perpendicular orientation. The structural model 

shown in Figure 25 supports this idea. In wild-type ROCK1, three Rho molecules can bind to 

one ROCK dimer. If Rho binding is disrupted by the point mutations in the mPHC1 domains, 

the Rho molecules at the plasma membrane can only bind to the RBD. Consequently, this 

could result in an up to threefold increase in the number of ROCK proteins that bind to Rho 

via the RBD. In other words, the additional Rho binding sites in the PHC1 domains could 

compete with the RBD for limiting amounts of active Rho and thereby prevent maximal 

activation of Myosin. Together with the RBD, the positive charges at the surface of the PHC1 

tandem domain are expected to electrostatically interact with the plasma membrane to 

sufficiently stabilize its interaction, especially after enforced plasma membrane recruitment.  

This prompts the question of why such an apparently inefficient activation mechanism for 

ROCK might have evolved. Firstly, the binding sites in the PHC1 tandem domain ensure that 

more ROCK can be recruited in the absence of enforced plasma membrane targeting. 

Secondly, it is conceivable that this mechanism acts as a fail-safe to prevent over-activation of 
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Myosin at longer time scales. RhoGTPase activity is amplified by positive feedback with its 

activating Lbc-type GEFs (Medina et al., 2013; Graessl et al., 2017; Kamps et al., 2020). This 

results in exponential growth in Rho activity. The activation of one ROCK molecule by each 

Rho molecule might stimulate contraction too rapidly. However, given the necessity of three 

Rho molecules, a bottleneck emerges, thereby attenuating the amplification of Rho to prevent 

excessive cell contraction. 

 

 

Figure 29: Proposed model of ROCK1 Activity Regulation. (A) Illustration of the “Molecular Ruler” hypothesis (Truebestein et 

al., 2015)). According to this model, ROCKs are always bound to the plasma membrane via their PH domain in their fully 

extended conformation. However, the regulatory mechanism of ROCK in this model was unclear, as the previously identified 

RBD (Rho binding domain) within the coiled-coil of ROCK is located at a considerable distance from active Rho bound to the 

plasma membrane. (B) The newly identified Rho binding site in the PHC1 domain can resolve this problem and recruit ROCK1 

to active, plasma-membrane bound Rho. The linkers connecting the Rho-bound PHC1 domain to the coiled-coil domain are 

flexible. Consequently, ROCK can pivot back and forth when it is only bound via the PHC1 tandem domain. This could lead to 

a reduction of the average distance between the plasma membrane and the ROCK1 kinase domain, thereby reducing its 

efficiency to reach Myosin within the cell cortex. (C) It is postulated that a more stable perpendicular orientation of ROCK1 

could be achieved through additional interactions with the plasma membrane and active Rho molecules. This could be 

achieved, for instance, by a kink in the coiled-coil structure, directly C-terminal to the RBD domain (see also Figure 25). Figure 

adapted from Gierse et al. (2025b). 
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Part II: Regulation of cell morphodynamics by 

microtubules 

Part II of this thesis pertains to a collaborative research project aimed at applying a newly 

synthesized photocaged microtubule stabilizing compound. I investigated the hypothesis that 

local photo-uncaging of this compound leads to local stabilization of microtubules within cells, 

and that this leads to a localized change of cell shape. As microtubules actively participate in 

morphodynamic signal networks, this part is highly relevant to the overarching theme of this 

thesis.   

4 Introduction 

Changes in cell shape are driven by dynamic rearrangements of the cytoskeleton. Part I 

focused on the role of the molecule motor Myosin on actin filaments in this process, however, 

another major cytoskeletal component, the microtubules, can also influence the shape of a 

cell. Microtubules are best known for their ability to act as tracks for intracellular transport. 

However, in addition, microtubules can also contribute to the stabilization of the cell shape by 

resisting compressive forces (Brangwynne et al., 2006; Rhee et al., 2007). Furthermore, recent 

findings have emerged that underscore their ability to stabilize cell extensions within a three-

dimensional culture environment (Martins and Kolega, 2012; Bouchet et al., 2016). In 

particular, it has been demonstrated that microtubules play a critical role in preventing the 

retraction of pseudopodia (Bouchet et al., 2016) and promoting efficient migration by acting 

as supportive struts (Martins and Kolega, 2012; Bouchet and Akhmanova, 2017). This function 

is particularly important in resisting membrane tension and contractility (Bouchet et al., 2016; 

Shakiba et al., 2020).  

In addition, microtubules have the ability to push the plasma membrane forward, in particular, 

via forces that are generated by interactions with the motor protein dynein in the cell cortex 

which pushes microtubules towards the leading edge (Dujardin et al., 2003; Dehmelt et al., 

2006; Mazel et al., 2014). Furthermore, the stimulation of cell protrusions by growing 

microtubules was also shown to be associated with the activation of the protrusion regulator 

Rac (Waterman-Storer et al., 1999), and microtubules can facilitate cell protrusion by enabling 
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the transport of recycling endosomes that contain migration-related signaling molecules 

(Palamidessi et al., 2008). 

Cell contraction is also regulated by microtubules. In particular, the Rho activator GEF-H1, 

which was extensively used primarily as a tool in Part I, is well-known to be inhibited by its 

interaction with microtubules and can be released from depolymerizing microtubules to 

stimulate cell contraction (Krendel et al., 2002; Chang et al., 2008; Pineau et al., 2022). Overall, 

it has been shown that stiff substrates promote the release of GEF-H1 from microtubules, 

thereby facilitating migration (Seetharaman and Etienne-Manneville, 2020). 

4.1 Dynamic instability of Microtubules  

Many functions of microtubules are enabled by a process that is called “dynamic instability”. 

This process is defined as the ability of microtubules to transition from a growing to a shrinking 

state (catastrophe) and vice versa, from shrinkage to growth (rescue) (Mitchison and 

Kirschner, 1984). Dynamic instability enables a semi-stochastic search-and-capture 

mechanism that is thought to be involved in targeting of microtubule ends to specialized, focal 

structures, such as kinetochores or focal adhesions (Kaverina et al., 1998; Stehbens and 

Wittmann, 2012). Together with GEF-H1, microtubule ends were shown to have a signaling 

function during such encounters that can stimulate the disassembly of focal adhesions 

(Kaverina et al., 1998). Furthermore, the release of GEF-H1 from microtubules was also shown 

to couple Myosin contractility to cell substrate stiffness (Etienne-Manneville, 2013; Schmidt 

and Stehbens, 2024). The search-and-capture mechanism is particularly important for mitosis, 

where it facilitates the formation of the metaphase spindle by increasing the likelihood of 

encounters between dynamic microtubule ends and kinetochores on chromosomes 

(Kirschner and Mitchison, 1986). 

4.1.1 Microtubule destabilizing and stabilizing compounds  

Especially, due to their role in mitosis, microtubules are prime targets for cancer therapy. As 

microtubule dynamics are critical for this process, both microtubule-destabilizing and 

microtubule-stabilizing compounds were developed. Typical destabilizing compounds bind 

the individual building blocks of microtubules, the alpha-beta tubulin dimer, and prevent them 

from polymerizing (Keates and Mason, 1981; Sackett and Varma, 1993; Carney et al., 2016). 



  

84 
 

Stabilizing compounds typically bind to the tubulin polymer surface and interfere with the 

depolymerization process (Fanale et al., 2015).  

The first microtubule stabilizing drugs that were discovered and utilized in anticancer 

chemotherapy were taxanes (Wani et al., 1971). Over the years, a variety of other microtubule 

stabilizing drugs were identified and developed (Ojima et al., 1999), including the epothilones. 

In dividing cells, such as cancer cells, these compounds induce mitotic arrest, leading to cell 

death due to the formation of an aberrant mitotic spindle (Wartmann and Altmann, 2002). 

Due to their high solubility in water and high activity, they present an alternative to paclitaxel 

in anticancer therapy. Furthermore, they are easy to modify, which facilitates the synthesis of 

analogs (Altmann et al., 2000; Wartmann and Altmann, 2002). 

In addition to their application in cancer therapy, microtubule-stabilizing and -destabilizing 

compounds can also be utilized in research to investigate the function of the cytoskeleton. In 

contrast to standard genetic perturbations, or ectopic expression of cytoskeletal regulators, 

which only enable long-term perturbations, the application of such compounds enables much 

faster perturbation. However, typical applications of these compounds affect microtubules 

throughout the cell, thus lacking spatiotemporal precision. 

4.1.2 Cou-Epo: a photouncageable microtubule stabilizer  

One method to circumvent these limitations involves the utilization of photocontrolled 

compounds. In the past, several photocontrollable microtubule destabilizers were developed, 

however, the number of microtubule stabilizers was limited. This is a significant problem, as 

stabilization facilitates a more direct way to investigate microtubule-dependent processes 

(Schmitt et al., 2024). 

Photocontrol includes both reversible photoswitching and irreversible photouncaging. 

Previous studies reported reversible photoswitchable microtubule stabilizers based both on 

taxanes (Müller-Deku et al., 2020) and epothilones (Gao et al., 2022). It has been 

demonstrated that these agents indeed facilitate the controlled stabilization of microtubules 

within specific spatial and temporal parameters. However, a notable disadvantage associated 

with this approach is that the magnitude of increased bioactivity upon light activation is 

limited to approximately sixfold, which was primarily due to a weaker potency compared to 
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the parental drugs. Moreover, these compounds have not demonstrated efficacy in vivo, but 

rather, their activity has been observed exclusively in cell culture settings. 

Due to the aforementioned disadvantages, Schmitt and colleagues (Schmitt et al., 2024) 

endeavored to develop novel derivatives of ZK-epothilone (ZK-Epo), with the objective of 

producing the first photouncageable epothilone for irreversible photoactivation. The ZK-Epo 

compound was selected as the starting point due to its high potency of less than 1 nM in 

combination with its solubility in water at that specific concentration. Moreover, it has been 

demonstrated to enter cells with high efficiency and it evades efflux pumps that typically 

confer multidrug resistance (Klar et al., 2006). 

Introducing a photocage group at the C7 position of this compound yielded CouEpo (Schmitt 

et al., 2024), which was effectively uncaged with wavelengths in the range from 385-460 nm. 

This enabled uncaging with common lasers used for microscopy, including the 405 and 440 

nm lines. This characteristic represents a substantial benefit, as it eliminates the necessity for 

UV light. A notable benefit of this approach is that the photocage remains largely intact when 

illuminated with the 514nm laser line which can be used to excite the very common GFP or 

YFP fluorescent proteins (Schmitt et al., 2024). 

Initial investigations of CouEpo focused on cell proliferation, which confirmed the 

photoactivatable ability of this compound to interfere with this cellular process. More detailed 

analysis was based on the EB3 comet assay, which is a method to monitor the dynamics of 

microtubule polymerization. In this assay, microtubule ends are visualized and tracked based 

on their fluorescent labeling using end binding protein EB3. In this assay, the growing tips of 

microtubules are typically visualized in the shape of comets.  Previous work has shown that 

microtubule stabilization paradoxically leads to an inhibition of microtubule growth. This has 

been attributed to the quick consumption of tubulin monomers, thus inhibiting microtubule 

dynamics, which is associated with a decrease in both velocity and the number of EB3 comets. 

Indeed, it was observed that the EB3 comet count decreased significantly in CouEpo-treated 

cells (75 nM) when exposed to laser scanning illumination at 405 nm (whole field of view 

illumination) (Schmitt et al., 2024). 
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5 Results 

These previous results already demonstrated that CouEpo can be controlled via 

photouncaging, however, the measured effect was indirect and was based on the depletion 

of tubulin in the entire cell, thus lacking subcellular selectivity. 

The subsequent experiments performed in this thesis focused on more direct investigation of 

local microtubule enrichment related to local uncaging of CouEpo in Ptk1 cells that stably 

express GFP-tubulin3

4. 

5.1 Localized and time resolved CouEpo uncaging  

5.1.1 Increased microtubule density at uncaging spot  

The first objective was to test if the local uncaging of CouEpo (100 nM total concentration) 

results in the local enrichment of microtubules. To test this hypothesis, a diffraction limited 

spot at the cell edge of Ptk1 cells was illuminated (cyan spot in Figure 30A). At this position, 

light pulses were applied at 100-second intervals while acquiring images in TIRF mode at 514 

nm. As these images were acquired in TIRF mode, the observation was limited to microtubule 

sections that get very close to the plasma membrane at the cell cortex. The remaining, 

cytosolic, long microtubule filament sections were not detected. It was hypothesized that an 

increase in microtubule density in one cell region would also lead to an increase in their 

density within the TIRF field, leading to an increase in the corresponding fluorescent signal. 

Indeed, as expected based on this hypothesis, a substantial increase in the GFP signal close to 

the photoactivation spot was observed (Figure 30A-B). 

To analyze this effect quantitatively, the front versus back regions of the cell were defined with 

respect to the location of the photoactivation spot. First, the front-back axis was defined based 

on the photoactivation spot and the cell's centroid, which was detected automatically using a 

custom-made ImageJ macro. Subsequently, the fluorescence intensity was measured at the 

periphery of the cell within 22.5° of the front-back axis in both directions to define the front 

and back regions of the cell (Figure 30C). A comparison of the front (Figure 30D left and Figure 

30F) to the back (Figure 30E left and Figure 30F) reveals that the GFP-tubulin signal increases 

 
4 Generated by Anja Biesemann (TU Dortmund) in the lab of Leif Dehmelt (TU Dortmund).  
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only in the front, while the back exhibits no response. The DMSO control exhibited a slight 

decrease in GFP-tubulin intensity in the front (Figure 30D) of the cell, which may be 

attributable to bleaching or phototoxicity. Thus, the effect in the front of CouEpo treated cells 

is rather underestimated. The statistical analysis confirmed the increase in microtubule 

density originating from the CouEpo-uncaging. A comparison of the front region intensity 

change in microtubules of CouEpo-treated cells and a DMSO control reveals a statistically 

significant difference (Figure 30D, right). In addition, a comparison of the CouEpo-treated 

front and back measurements reveals a substantial difference (Figure 30F), confirming the 

effectiveness of photoactivation as well as caging in absence of light. 

5.1.2 Local photoactivation induces cell protrusion  

Interestingly, it was observed that a significant number of cells extended protrusions towards 

the photoactivation spot (Figure 30G). To quantify this effect, a region of interest (ROI, 

illustrated in yellow in Figure 30G) was defined around the illumination spot, and the area 

within this ROI that is covered by the cell was measured (see right panel in Figure 31G). A 

subsequent statistical analysis confirmed this effect after uncaging of CouEpo, while no effect 

was detected in DMSO control cells (Figure 30H and Figure 30I, right). The control cells even 

exhibited a slight retraction from the photoactivation site. A paired analysis on a single cell 

basis also confirmed this observation (Figure 30I). 



  

88 
 

 

Figure 30: Local increase in microtubule density in response to local uncaging of a photocaged Epothilone microtubule 

stabilizer. (A) Representative total internal reflection fluorescence microscopy (TIRF-M) images of Ptk1 cells expressing GFP-

tubulin. Cells were treated with 100 nM caged Epothilone (CouEpo) and local photoactivation started at time point 0 min at 

the cell edge indicated by cyan circles. (B) Kymograph analysis of GFP-tubulin signals in the cell shown in A. Analysis was 

performed along the indicated orange line. (C) Schematic representation for quantification of GFP-tubulin signals near the 

photoactivation site (Front) and at the opposite side of the cell (Back). The indicated front and back regions were defined 

based on a line that connects the photoactivation site (PA) and the cell centroid (C), spanning 45° laterally within 12μm from 

the cell edge. (D) Kinetics of GFP-tubulin signal change in the front regions in control (vehicle DMSO) or caged Epothilone 

treated cells (left) together with quantification and statistical analysis of the signals, 18 min after starting the photoactivation 

pulses. (E) Kinetics of GFP-tubulin signal change in the back regions in control (vehicle DMSO) or caged Epothilone treated 

cells (left) together with quantification and statistical analysis of the signals, 18 min after starting photoactivation. (F) 

Quantification and statistical analysis of the response of cells treated with CouEpo, right before and 18 min after starting 

photoactivation. (G) Representative total internal reflection fluorescence microscopy (TIRF-M) images of Ptk1 cells treated 

analogously as in A. The time series demonstrates the cell protrusion into the yellow measurement region. The right panel 

represents the region corresponding to the grey dotted box in the adjacent panel. Colored lines indicate the cell border at 

successive timepoints during photoactivation. The yellow box indicates the region of interest (ROI) that was used to quantify 
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protrusion near the photoactivation site (cyan circle). (H) Quantification and statistical analysis of the cells’ protrusion into 

the given ROI, 18 min after starting photoactivation. (I) Quantification and statistical analysis of the migrative response of 

cells treated with CouEpo, right before and 18 min after starting photoactivation. Error bars represent standard error of the 

mean (SEM) from 3 independent experiments each. *: p < 0.05. **: p < 0.01, ns: non-significant, unpaired t-test (D-F, H) and 

paired t-test (I), scale bar = 10 µm, 0.26 µm/pixel. Figure adapted from Schmitt et al. (2024).  

6 Discussion 

6.1 CouEpo facilitates the spatiotemporal stabilization of 

microtubules 

The experimental results demonstrated that CouEpo photouncaging can be used to 

manipulate microtubule stability with subcellular resolution. During photouncaging of CouEpo 

at a specific location in the periphery of the cell, a consistent increase in GFP-tubulin intensity 

was observed (Figure 30A, G). In this region, the signal exhibited significant variation, likely 

attributable to the intrinsic dynamics exhibited by microtubules. 

It has been well documented that microtubules exert a positive influence on cell protrusions 

in fibroblasts and epithelial cells, such as the Ptk1 cells utilized in this study (Etienne-

Manneville, 2013). As delineated in the introduction, this positive regulation of protrusion can 

be attributed to multiple mechanisms. On the simplest level, the process of microtubule 

growth can generate a pushing force in simplified in vitro models (Dogterom and Yurke, 1997). 

Additionally, microtubules have been shown to counteract contractile forces due to their 

bending rigidity (Gittes et al., 1993). Also, microtubule-dependent transport of signaling 

molecules that positively affect protrusion (Palamidessi et al., 2008) could contribute to the 

observed effect. Finally, the interaction of microtubules with dynein motors at the cell cortex 

could also transduce a mechanical force on individual microtubule filaments into a forward 

pushing force (Dehmelt et al., 2006). The stabilization of microtubules resulting from 

photouncaging of CouEpo could enhance the effects of the aforementioned mechanisms. The 

observed reduction in the area of ROI coverage in DMSO control cells could be attributed to 

cell stress resulting from photoactivation, which typically leads to cell contraction (Boudreau 

et al., 2016).  
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In conclusion, these results demonstrate that CouEpo can be uncaged both with high temporal 

and high spatial precision. This enables more direct investigations into the subcellular role of 

microtubules in cells and potentially also in more complex systems, such as cancer spheroids, 

tissue models or living organisms. 
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subsequently incubated for 3-5 hours at 50°C. Subsequently, the product was transformed 

into E. coli (see below). 

To generate the ROCK1 PH domain mutants, synthetic DNA strands (GeneStrands) were 

synthesized by Eurofins and amplified with primers containing the desired overhangs to obtain 

the insert for the assembly reaction. The corresponding backbone was subjected to PCR 

amplification due to the absence of suitable restriction sites within this region.  

A modified version of Gibson assembly was used to truncate specific regions from plasmids. 

In this procedure, the entire plasmid was amplified, with the exception of the specific segment 

intended for deletion. For the amplification process, one of the utilized primers was designed 

to possess a compatible overhang with the other primer. This was done to ensure the efficient 

cyclization of the primers within the reaction tube prior to the process of transformation. 

The web tool NEBuilder from New England Biolabs was used to design the primers for all 

Gibson reactions. 

7.1.1.6 Sequencing of plasmid DNA 

Plasmid DNA was subjected to sequencing using the Economy Run, E. coli NightSeq, or full 

plasmid sequencing from Microsynth/Seqlab. The plasmids and colonies were prepared in 

accordance with the established protocols. In the course of conducting full plasmid 

sequencing reactions, it was determined that a concentration of 25 ng/µL should be utilized 

instead of the recommended concentration of 20 ng/µL. This adjustment was made based on 

the frequently observed tendency that DNA concentrations were overestimated using the 

NanoDrop method (see below). 

7.1.2 Determination of DNA concentration  

The concentration of purified DNA was measured with a Nanodrop™ 2000 UV-Vis 

spectrophotometer by detecting the light absorption of the DNA sample at 260 nm. The ratio 

of the absorption maxima of DNA (260 nm) and (280 nm) was used to assess the purity of the 

DNA sample. A ratio of ~1.8 was considered pure DNA. Autoclaved ddH2O was utilized as a 

reference standard for the calibration process. 
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7.1.3 Transformation of competent E. Coli cells  

In this thesis, two distinct transformation methodologies were used: heat shock and 

electroporation. 

7.1.3.1 Heat shock  

Chemical competent cells (see Table 16) were thawed on ice for approximately 10 minutes. 

Subsequently, 1-5 µl of plasmid DNA from Gibson assembly reactions were added to a 25 µl 

aliquot of cells. The mixture was then incubated for 30 minutes on ice. Afterwards, a 45-

second heat shock at 42°C was initiated, followed by a two-minute incubation on ice. Prior to 

the initiation of the incubation process at 37°C and 600 rpm for a duration of 1 h, 400 µl of 

SOC medium was added to the cells. Subsequent to this incubation period, the cells were 

subjected to a centrifugal process at 8,000 rpm for a duration of 10 seconds. This procedure 

was followed by the removal of 300 µL of the cell's culture supernatant. The pellet was 

resuspended in the remaining liquid, and the suspension was plated onto an LB agar plate 

containing the corresponding antibiotic. The samples were then spread out using glass beads. 

The plates were subsequently inverted and incubated at 37°C overnight. For storage, the agar 

plates were sealed with parafilm and stored at 4°C for up to 6 weeks. 

For the retransformation of established plasmids, 0.5 µl of plasmid was added to 25 µl of cell 

suspension, and the cells were only incubated for 10 min on ice instead of 30 min. Subsequent 

to the completion of each step as delineated above, 50 µL of the suspension was applied to 

an agar plate, and the cells were incubated over night as described above. 

7.1.3.2 Electroporation  

The application of electroporation was only pursued when a sufficient quantity of colonies 

could not be obtained through the utilization of the heat shock transformation protocol. 

A total of 25 µL of electrocompetent cells were thawed on ice for a brief period. Subsequently, 

1-2 µL of plasmid DNA derived from assembly reactions or 0.5 µL of previously purified 

plasmid were added to the cells. Next, the cell suspension was transferred into the 

electroporation cuvette, and electroporation was performed at 1800 V for 3 seconds. 

Immediately following the electroporation, 400 µl of SOC medium were added to the cells, 

and the suspension was then incubated for 1 h at 37°C at 600 rpm. The spreading of the 
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sample onto the agar plates and subsequent incubation over the course of a night period was 

performed analogous to the chemical competent heat shock transformation protocol. 

7.1.4 Colony PCR  

In the event that the process of subcloning proved challenging, a procedure known as colony 

PCR was performed. The objective of this procedure was to identify potential positive clones 

based on their band size prior to the process of sequencing. To this end, a Taq polymerase PCR 

was prepared as outlined in the NEB protocol. The initial DNA educt was designated as 0 μL 

since the volume of the bacterial colony used as the DNA template was negligible. 

The colonies were picked using a pipette tip and subsequently transferred into PCR tubes and 

then exposed to microwave radiation for 20 seconds and subsequently frozen for 10-20 

minutes to ensure the lysis of the cells. After the preparation of a PCR master mix on ice, 10 

μL of the solution were transferred into each PCR tube containing the lysed cells. Finally, the 

PCR cycling reaction was performed, and the resulting product was subjected to agarose gel 

electrophoresis for analysis. 

7.1.5 Preparation of Glycerol stocks of transformed E. Coli and inoculation 

of new cultures for plasmid isolation  

A volume of 500 µL of freshly cultivated E. coli cells, characterized by a relatively low density 

and thus still within their growth phase, was added to 500 µL of 50% glycerol in a cryotube. 

The contents of the cryotube were then subjected to a process of inversion, thereby 

facilitating the mixture of the two liquids. For the purpose of long-term storage, the mixture 

was stored at -70°C. 

In instances where the production of new plasmids preps was required, a small volume of the 

frozen glystock was added directly into LB medium containing the appropriate antibiotic. The 

mixture was then cultivated at 37°C overnight. Subsequently, the purification of the plasmid 

was carried out (see next section). 

7.1.6 Isolation of plasmid DNA from E. Coli cells  

For isolation and purification of plasmids, 5 mL of LB medium containing the necessary 

antibiotics were inoculated with a single E. coli colony in a 15 mL reaction tube. The cell 

suspension was then subjected to an overnight incubation at a temperature of 37°C and 200 
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rotations per minute (rpm). The lid of the reaction tube was not firmly closed, thus facilitating 

the exchange of air. Following the incubation period, the suspension was transferred into a 2 

mL microcentrifugation tube and subjected to a centrifugation process at 8,000 rpm for a 

duration of 3 minutes. The supernatant was then discarded, and the DNA was isolated from 

the pellet using the QIAprep Spin Miniprep Kit from Quiagen. The elution of the plasmid was 

accomplished by adding 50 µL of autoclaved ddH2O. 

In instances where a significant quantity of plasmid was required, a Maxiprep procedure was 

conducted using the Plasmid Plus Maxi Kit from Quiagen with 200 mL of cell culture. The 

protocol from Qiagen was performed for the high copy plasmids. 

7.2 Cell Culture 

7.2.1 Maintenance of adherent mammalian cells 

U2OS or Ptk1 cells were cultured using standard protocols. Briefly, cultures were split at about 

80% confluency. Following the removal of the culture medium, the cells were promptly 

washed with Dulbecco's phosphate-buffered saline (DPBS) and detached using 2 mL of 

trypsin/EDTA for 4 minutes at 37°C and 5% carbon dioxide. Next, warm medium was added to 

the cells, followed by discarding a fraction of the cells. Typically, cell density was reduced to 

20% confluency if the next splitting was scheduled in two days, and to 10% confluency if it was 

scheduled in three days. In the final step, cells were seeded into a new cell culture dish, in a 

volume of 10 mL. The cells were then incubated at 37°C and 5% CO2 until the next splitting 

procedure. 

7.2.2 Cryopreservation of mammalian cells  

To harvest the cells for freezing, they were first treated identical to the maintenance 

procedure described above until the resuspension step after centrifugation. During 

centrifugation, a 10% DMSO-containing medium was prepared and 500 µL were added to 

cryotubes. Subsequently, cells were resuspended in ice-cooled medium, and 500 microliters 

(containing half the cell suspension of one 100 mm dish) of the cell suspension were 

transferred into the previously filled cryotube and stored on ice. Subsequently, the tubes were 

placed in a specialized cryogenic storage apparatus (Mr. FrostyTM), to facilitate slow freezing 
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at a temperature of -70 or -80°C for a duration of 24 hours. Finally, the cryotubes were stored 

at a temperature of -150°C. 

In order to avert any potential damage to the cells caused by DMSO, it was essential to execute 

the thawing process promptly. Initially, the cryotube, which had been frozen, was placed in a 

water bath set at 37°C. This was done until only a small piece of ice could be seen. 

Subsequently, the cell suspension was transferred into 9 mL of warm medium, and the cells 

were subjected to a centrifugation process at 1000 rpm for a duration of 5 minutes. Lastly, the 

cells were seeded as outlined in the preceding section. 

7.2.3 Preparation of microscopy samples   

For microscopy, 400 µL of the mammalian cell suspension were placed on an 8-well LabTek 

(Thermo Fisher Scientific) borosilicate glass-bottom dish. The cells were suspended by 

trypsinization and then centrifuged for five minutes at 1,000 rpm in a tabletop centrifuge 

(Eppendorf Centrifuge 5810 R). The cell count was then determined using a hemocytometer 

after resuspension of the pellet in 3 mL culture medium. Depending on the cell line and type 

of experiment, the cells were diluted to the required density to prepare the desired number 

of wells in one dish from one single suspension.  

For U2OS cells, glass-bottom dishes were coated with a 1% collagen solution (Sigma-Aldrich) 

in DPBS at room temperature for 30 to 40 minutes. Subsequently, dishes were washed once 

with DPBS before seeding the cells (14 000-17 000 cells/well) two days prior to microscopy. 

Ptk1 cells were plated onto untreated glass-bottom dishes (25000 cells/well) one day prior to 

microscopy.  

7.2.3.1 Transient transfection of adherent mammalian cells  

One day after seeding U2OS cells, they were transfected with the required plasmid DNAs for 

the respective experiment. Transfection was carried out using Lipofectamine 2000 (Invitrogen) 

and a serum-free medium (Opti-MEM, Gibco), according to the manufacturer's protocol. A 5:2 

ratio of Lipofectamine to DNA was used (V/m). For each µl of lipofectamine, 33.33 µl of 

OptiMEM was added and the mixture was incubated for 5 min prior to addition of plasmid 

DNA. After 15 min incubation, the mixture was added to the respective well.  
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7.2.3.2 Sample preparation for imaging of fixed mammalian cells  

Mammalian cells were fixed with formaldehyde 18-22 hours after transfection. 4% 

formaldehyde in DPBS was warmed to 37 °C and added dropwise to the cells after they were 

washed once with DPBS. The sample was incubated for 20 minutes at 37 °C, after which it was 

washed three times with DPBS. The cells were then chemically stained with phalloidin Atto488 

(1:1000, Sigma-Aldrich, 49409) and DAPI-Hoechst (1:1000, Sigma-Adrich, 33342) in DPBS 

overnight. The next day, the cells were washed 3x with DPBS.  

The fixed and stained cells were stored for up to five days at 4 °C, sealed with parafilm, and 

kept in DPBS supplemented with a small amount of formaldehyde as short-term preservative. 

The formaldehyde-supplemented DPBS was exchanged with fresh DPBS before they were 

imaged at the microscope. Alternatively, the cells were imaged directly at the microscope.  

7.2.3.3 Sample preparation for live-cell imaging of adherent mammalian cells  

Before imaging, the cell culture medium was replaced with a phenol red-free imaging medium 

supplemented with 10% FBS (Gibco). 

7.2.3.4 Nocodazole treatment of adherent mammalian cells  

Nocodazole was used as a microtubule-destabilizing drug, to release GEF-H1 from 

microtubules and thereby increase Rho activity dynamics within cells (see section 1.3.1). 

Approximately one hour before imaging, the cell medium was replaced with a phenol red-free 

imaging medium supplemented with 10% FBS and 30 µM nocodazole. 

7.3 Microscopy 

Live cell experiments were carried out with the incubator set to 37 °C. The actual temperature 

in the microscope chamber was typically in the range from 32 to 35 °C. Fixed cell experiments 

were performed at room temperature. 

7.4 Total Internal Reflection Fluorescence (TIRF)-Microscopy 

All TIRF microscopy experiments were performed on an Olympus IX-81 microscope. The 

microscope was equipped with an Apo TIRF 60x 1.45 oil immersion objective, as well as a TIRF-

MITICO motorized TIRF illumination combiner. Images were detected with an EMCCD camera 

at medium gain (EM gain 100) without binning. Before each experiment, the lasers necessary 
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for that day's experiment were aligned using a glass-bottom dish marked with black dots on 

the bottom and filled with water to focus on the correct plane for alignment. TIRF angle 

adjustments were made individually for each experiment.  

All further information about the setup is given in Table 9.  

7.5 Molecular Activity Painting (MAP)  

7.5.1 Sample preparation for immobilized Molecular Activity Painting  

Experiments were performed according to the protocol described by Kamps et al. (2020). 

Further optimizations are detailed in the following paragraphs. The workflow is shown in 

Figure 31 and example transfections are given in Table 21 and Table 22.  

For the functionalized/immobilized molecular activity painting (MAP) experiments, 100,000–

140,000 U2OS cells were seeded in 6-well plates or 30 mm cell culture dishes on day 1 

(Sarstedt, Cell+). The cultures were incubated overnight at 37 °C and 5% CO₂. On day two, the 

glass-bottom dish to be used for imaging was coated with 150 µL of 0.1% poly-L-lysine 

overnight at 4 °C and sealed with parafilm. At the same time, cells were transfected with the 

activator presenting artificial receptor construct (activator-PARC), the perturbation construct 

(eDHFR fused to the protein to be recruited), and the fluorescently labeled response construct 

(see Section 7.2.3.1, Transfection). Example transfections are given in Table 21 and Table 22.  

Day 3 started with further functionalization of the glass-bottom dish. First, the poly-L-lysine 

was removed, and the surface was washed three times with DPBS. For the next hour, the glass-

bound poly-L-lysine was biotinylated using E/Z-Biotin (1 mg/mL). During biotinylation, 

antibody (12 µl DPBS + 3 µl biotin-labeled anti-VSVG (1 mg/ml, ab34774, abcam)) and 

streptavidin/Cy7-streptavidin (12µl DPBS + 1 µl Streptavidin (1 mg/ml, Serva) + 1 µl 

Streptavidin alexa fluor 750 (0.1 mg/ml, life technologies)) solutions were prepared on ice. 

After biotinylation, the glass bottom dish was washed three times with DPBS, and the 

remaining liquid was allowed to evaporate at room temperature until the surface was dry. 

Then, the antibody and streptavidin solutions were mixed, and five 2 µL drops were added to 

each well (illustrated in Figure 31). The dish was incubated for two more minutes after the last 

drop was added. Lastly, the dish was washed with DPBS to stop the functionalization. In 

parallel, the cells were prepared for reseeding about 24 hours post-transfection. First, the cells 
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were washed with DPBS. Next, cells were treated with either a 25 mM EDTA solution at 37 °C 

for 25 minutes (old protocol) or an enzyme-free cell dissociation solution for 8-10 minutes 

(new protocol). After detaching the cells with the aforementioned solutions, they were 

washed and resuspended in serum-free cell culture medium after centrifugation for five 

minutes at 1000 RPM. If cells were treated with EDTA for detachment, this washing step was 

repeated another time. The final pellet was resuspended in 200 µL of FBS-free cell culture 

medium, and the suspension was plated onto the functionalized glass surface after the DPBS 

was removed from the wells. After the cells attached for 30-45 minutes at 37°C and 5% CO₂, 

200 µL of 20% FBS-containing cell culture medium was added on top. The cells were then 

incubated overnight. 

The cells were investigated on day 4. Prior to performing the MAP experiments, however, the 

cells were incubated with 20 mM photochemical dimerizer (Chen et al., 2017) for 1 hour in 

FBS-containing imaging medium in the dark. After incubation, the cells were washed three 

times with medium. Then, after half an hour, a final washing step was performed. 
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Figure 31: Workflow for sample preparation in Molecular Activity Painting. Some illustrations were created with 

BioRender.com. 

7.5.2 Photo-uncaging for immobilized Molecular Activity Painting  

The TIRF-MITICO illumination combiner was set to FRAP mode and used to focus the 405 nm 

CellR diode laser into a single spot for the photouncaging of the Nvoc-TMP-Cl photochemical 

dimerizer. 

The uncaging was performed for 400 ms at 180 nW, which was measured directly at the 

objective (Kamps et al., 2020) and corresponds to 20% laser power. Only one uncaging step 

was performed per cell. 
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7.6 Cell Attachment Area – Molecular Activity Painting (CA-MAP) 

The cell sample preparation was performed as described in section 7.2.3 and sub-section 

7.2.3.1. The cells were transfected with the same constructs as described for the immobilized 

Molecular Activity Painting assay (section 7.5.1, example transfection given in Table 23).  

The uncaging of the Nvoc-TMP-Cl photochemical dimerizer was carried out using a 405 nm 

CellR diode laser set to total internal reflection fluorescence (TIRF) mode in the TIRF-MITICO 

illumination combiner. The laser intensity was set to 60% (three times more than for spot 

illumination for functionalized molecular activity painting), and uncaging was performed for 

400 ms. Thus, uncaging occurred throughout the entire cell attachment area within the 

evanescent wave of the TIRF microscope (up to about 100nm distance from the coverslip). 

7.7 LOVTRAP mediated release of CA-ROCK1  

To optogenetically increase the cytosolic concentration of CA-ROCK1 in living cells, the 

LOVTRAP system was used (Wang et al., 2016). To reduce phototoxicity and enable the release 

of CA-ROCK1 from mitochondria-targeted LOV domains, a 100x neutral density filter was 

inserted into the light path of the 445 CellR diode laser. To facilitate release, the laser was set 

to widefield mode with an intensity of 100% and the cells were illuminated throughout the 

entire perturbation period, except when taking pictures. 

7.8 Numerical simulations  

To integrate inhibition of Myosin and ROCK in SDE simulations, the equations and parameters 

determined by Kamps et al. (2020) were utilized and only the respective Myosin concentration 

or activation was adjusted. The ODEs are given in the introduction section of this thesis.  

Here, the previously published SDE system (Kamps et al., 2020), already described in the 

introduction (section 1.3.5) was extended by incorporating an additional Michaelis-Menten 

term with a rate constant, k7, and a Michaelis constant, Km7, representing the Rho-

independent activation of Myosin by CA-ROCK: 
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𝑑𝑑𝑑𝑑 = (k3(GT − G) ∙ R − k4G ∙ M)dt         equation (1) 

𝑑𝑑𝑑𝑑 = � k1G∙(RT−R)
Km1+(RT−R) −

k2∙R
Km2+R

� 𝑑𝑑𝑑𝑑          equation (2) 

𝑑𝑑𝑑𝑑 = � k5R∙(MT−M)
Km5+(MT−M) −

k6∙M
Km6+M

+ k7∙M
Km7+M

�𝑑𝑑𝑑𝑑 + 𝜎𝜎 ∙ 𝑑𝑑𝑑𝑑   equation (4) 

𝑤𝑤𝑤𝑤𝑤𝑤ℎ: 𝑑𝑑𝑑𝑑 = 𝑟𝑟 ∙ √𝑑𝑑𝑑𝑑  

The total concentration of GEF-H1, Rho, and Myosin are assumed to be constant over time 

and are represented by GT, RT, and MT, respectively. The rate constants are represented by k1-

k7, while the Michaelis constants are represented by Km1, Km2, Km5, Km6, and Km7. Finally, σ 

represents the level of Gaussian noise.  

In the current study, the already published parameters to simulate the unperturbed states of 

this system were utilized. This included increasing the total GEF-H1 concentration to GT=0.3, 

the absence of CA-ROCK1 with k7=0, and the level of gaussian noise was set to σ=0.001. 

The over-activation of Myosin by CA-ROCK1 was achieved by increasing the activation rate 

constant, k7, of CA-ROCK1. 

7.9 Acute uncaging of CouEpo  

Ptk1 cells that stably express GFP-tubulin were prepared as described in 7.2.3.3. Prior to 

imaging, the cells were treated with 100nM of CouEpo or an equivalent volume of dimethyl 

sulfoxide (DMSO) as a control. Imaging started between 10 minutes and 2 hours after the 

compound was added. 

The TIRF-MITICO illumination combiner was set to FRAP mode and used to focus the 405 nm 

CellR diode laser (20 % laser power) into a single spot for the photoactivation of CouEpo. Cells 

were imaged first using TIRF illumination for 30 frames over 5 minutes. Then, 110 frames were 

captured with photouncaging pulses every 100 seconds. The photoactivation spot location 

was chosen at the cell edge prior to imaging onset.  

7.10  Data analysis  

The imaging data were analyzed using MATLAB R2022b and ImageJ 1.54p with Java 21.0.7 (64-

bit or 86-bit) (http://imagej.nih.gov/ij/). GraphPad Prism 10 was used for statistical analysis 
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and graph generation. All figures were prepared with Adobe Illustrator version 29.6.1 (64-bit). 

All image analysis steps were performed using custom ImageJ macros. 

7.10.1  Preparation of single cell regions for image analysis 

In order to avoid mistakes in data handling, scripts were written in ImageJ (Java) that represent 

an automated analysis pipeline for consistent assignment and sorting of imaging data. 

The scripts were all constructed in a similar manner:  

1. The microscope folder, which contains subfolders for each run, is selected. The script 

itself traverses all subfolders. 

2. Each .vsi file (microscope file) is opened and saved as a .tif file for subsequent image 

analysis.  

3. Subsequently, the various .tif files are organized into folders that comprise a single field 

of view. To do so, a new folder must be selected in the same directory as the 

microscope folder. Within this folder, the new field of view folders are created 

automatically, into which the aforementioned files are copied. The files are renamed 

for further processing in the order of acquisition. 

4. In the context of light perturbation protocols, distinct stacks from the microscope are 

recorded for a single cell. These stacks were now concatenated into a single stack. It 

should be noted that this step is not performed for protocols without light-based 

perturbations.  

5. The final general step entails the stabilization of the (concatenated) stacks.  

Subsequently, the files are ready for examination, sorted into meaningful folders and 

accessible as stabilized and concatenated image stacks. This procedure is undertaken to 

ascertain the efficacy of the stabilization and concatenation processes. In instances where the 

initial stabilization proved to be unsatisfactory, manual corrections were implemented. 

All analysis scripts are available on request. 

7.10.2  Cell Contraction Network Pulse analysis  

Scripts for the analysis of pulsatile dynamics of the cell contraction signaling network were 

published previously (Graessl et al., 2017). Changes to the image preparation for analysis and 

the implementation of analyses in different channels were implemented in this thesis. Image 
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sequences were recorded at a frame rate of 7.5 or 15 frames/minute. Briefly, ImageJ was used 

to isolate individual cells via a custom-made script. Rescaling 10x10 pixel areas to single pixels 

in image stacks was conducted to reduce noise. The subsequent thresholding process was 

facilitated by the ImageJ Threshold adjuster, accessible through the Image > Adjust > 

Threshold menu option. Subsequently, the cells were masked and corrected for background 

intensity. For comparative analysis of network dynamics between two distinct channels, the 

masking process was executed within channel 1, and subsequently, this mask was applied on 

channel 2.  

When the image series was captured at a frame rate of 15 frames/minute, a walking average 

of 7 was employed, while a frame rate of 7.5 frames/minute was analyzed with a walking 

average of 4. 

7.10.3  Temporal Cross-correlation analysis of Pulses  

For the cross-correlation analysis of different proteins, the prepared channels were selected 

after the thresholding process for cell contraction network pulse analysis in section 7.10.2. 

A script that automated the sorting of the two channels under investigation, including a mask 

image, into separate folders for further analysis in Matlab was provided by Suchet Nanda. 

Utilizing custom Matlab scripts (Graessl et al., 2017), the Pearson cross-correlation coefficient 

between the two time-shifted corresponding images was calculated pixel-wise. 

7.10.4  Quantification of MAP perturbation and response kinetics  

For the analysis, a custom-made ImageJ script was developed based on the analysis steps in 

Kamps et al. (2020). Image sequences were recorded at a frame rate of 6 frames/min.  

7.10.5  Quantification of CA-MAP  

Given that the CA-MAP method was utilized to induce and measure disturbances in the cell 

contraction network dynamics, two distinct analyses were conducted on the recorded cells. 

7.10.5.1 Quantification of perturbation and response kinetics  

As for MAP analysis, the perturbation and response strength of the light perturbation were 

subjected to quantification. In this experiment, the fluorescence differences within the entire 

cell attachment area were measured. 
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Image sequences were recorded at a frame rate of 7.5 frames/min. The utilization of ImageJ 

entailed the isolation of individual cells from the aforementioned images, already 

concatenated, executed through the implementation of a custom-made script. The 

subsequent thresholding process was facilitated by the ImageJ Threshold adjuster, accessible 

through the Image > Adjust > Threshold menu option or automatically determined by the 

Threshold adjuster. Subsequently, the cells were masked. Next, the fluorescence intensity 

within the entire generated mask was measured over time and averaged for each time point 

within the perturbation as well as the response channel stacks. The measurements were saved 

and normalized as described for MAP quantification in section 7.10.4.  

7.10.5.2 Cell Contraction Network Pulse analysis  

Subsequent to a reduction in pixel size and the implementation of a thresholding strategy on 

the cells the stacks were divided into before and after light-induced recruitment of the protein 

of interest to the plasma membrane and the cell contraction network analysis, section 7.10.2, 

was performed on the individual stacks.  

7.10.6  Cell Profiler analysis of phalloidin staining  

For the morphological analysis of cytoskeletal organization based on phalloidin staining, the 

"Human Cells" pipeline example from cell profiler served as a starting point. DAPI staining was 

utilized to identify the location of cell nuclei which served as primary objects, and phalloidin 

staining was employed to select whole cells as secondary objects, and cytoplasmic regions 

were obtained by subtracting the nuclei regions. The morphometric measurements were 

conducted in the phalloidin channel. Subsequently, only cells that express ROCK1 constructs 

were included in the analysis, based on a threshold for the corresponding total fluorescence 

intensity in the corresponding channel. 

7.11  Figure and movie preparation  

All figures and movies were prepared using ImageJ. ImageJ tools were used to add time 

stamps and scale bars. Kymographs were created using the ImageJ plugin KymographBuilder 

(https://imagej.net/plugins/kymograph-builder). 



  

110 
 

7.12  AI-use in this Thesis  

This thesis was grammatically and linguistically corrected using the AI-powered writing tool 

DeepL Write (https://www.deepl.com/en/write). No paragraphs were generated using AI. 

In addition to this, ChatGPT (https://chatgpt.com/) was used to generate python-based code 

to simulate signal network topology outputs for Figure 1.  
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10  Supplement  

10.1  Supplementary figures  

10.1.1  Validation of CMV-mCitrine-GEF-H1C53R  

 

FigureS 1: Validation of new mCitrine-GEF-H1C53R. (A) Representative TIRF images of cells expressing rhotekin-based Rho 

activity sensor (mCherry) and mCitrine-GEF-H1. (B) Kymographs corresponding to lines in A. (C) Fluorescence signals within 

rectangular regions of interest in A. 
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10.1.2  LOVTRAP release of CA-ROCK1 tends to reduce network activity in 

adherent mammalian cells 

 

FigureS 2: Light induced release of mitochondria bound CA-ROCK1 tends to decrease GEF-H1 C53R network dynamics at the 

plasma membrane in adherent mammalian cells. (A) Schematic of the LOVTRAP method. Without light illumination, the light 

oxygen voltage (LOV) domain anchored to mitochondria serves as trap for the Zdk1-linked protein of interest (here: CA-ROCK1) 

to sequester the protein from the cytosol. Upon illumination with blue light, the Zdk1-mCherry-CA-ROCK1 is released from 

mitochondria due to a conformation change within the LOV domain. The cytosolic CA-ROCK1 can now activate effectors. If 

light illumination is stopped, the conformation of the LOV domain reverts to the dark state and Zdk1-mCherry-CA-ROCK1 gets 
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